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Abstract   
Raman spectroscopy is a powerful vibrational spectroscopy technique that 
provides useful information regarding the chemical composition of a sample.  
It is a label-free technique that can be successfully applied for both single 
analyte detection and the analysis of complex matrices. The only main 
limitation of Raman spectroscopy is the inherent low scattering efficiency. 
Surface Enhanced Raman Spectroscopy (SERS) is employed to overcome 
this limitation. SERS active structures are typically in the form of colloidal 
solutions, or as solid substrates with metallic nanostructures on the surface. 
The work included in this dissertation explores the development of SERS 
substrates for (a) the detection of a single molecule of interest, and (b) the 
analysis of cellular systems.  
 
For the detection of molecules of interest, two studies were carried out:  In the 
first study, the ideal synthesis conditions of colloidal silver nanoparticles that 
rendered the highest SERS enhancement was explored via principal 
component analysis (PCA). The selected silver nanoparticles were used for 
the ultrasensitive detection of phenolic compounds in solution.   
The second work focused on the development of solid substrates, where gold 
nanoparticles were synthesized and immobilized on a carbon nanofibers 
matrix and enhancement capacity of the SERS substrate was evaluated with 
Rhodamine 110.  
 
The use of SERS for the analysis of biological systems was also explored.   
First, the effect of an oxidative agent (CdTe quantum dots) on the freshwater 
microalgae H. pluvialis was studied with SERS via colloidal gold 
nanoparticles.  Mammalian cell lines were also analyzed; Colloidal concave 
gold nanocubes were synthesized and immobilized onto a solid substrate for 
SERS enhancement of HeLa cells, showing that solid SERS substrates are 
also suitable for cell analysis.   
Finally, radiation resistant and radiation sensitive murine leukemia sublines 
were characterized for the first time by normal Raman spectroscopy and 
SERS, with the aim of contributing the development of predictive 
radiosensitivity assays.  

 
SERS substrates in colloidal and solid form were developed, and successfully 
used for the label-free detection of analytes in solution and complex biological 
samples, showing the versatility of SERS and contributing to this growing 
multidisciplinary field.  
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CHAPTER 1 
 
Introduction 
 
Raman spectroscopy is a vibrational spectroscopy technique that provides 
valuable information about the structure and functional groups of molecules 
[1]. When a monochromatic excitation source (laser) interacts with matter, it 
causes the scattering of light. Scattered light can either (a) the same 
frequency as the incident source (Rayleigh scattering), or (b) a different 
frequency from the incident source (Raman scattering) [2].   Therefore, the 
detected Raman shift is the frequency difference between excitation energy 
and scattered energy. 
 
Each molecule has a unique Raman signature, thus making this technique 
highly specific and label-free. Molecules can be identified based on the 
spectral fingerprint; a complex sample will have a particular spectra arising 
from the combined Raman scattering of its constituents.  Unlike IR 
spectroscopy, water has very weak Raman signal, making this technique ideal 
for analysis of aqueous solutions and biological samples [2]. In addition, 
Raman measurements require minimal to no sample pretreatment, and once 
the instrumental parameters are established, measurements can take less 
than a minute to be acquired. Nonetheless, Raman scattering is a relatively 
weak process, since photons in virtual states are re-irriadiated, and high 
amount of molecules or sample are needed in order to obtain an adequate 
spectrum [3].  Therefore, the analysis of complex samples is limited by the low 
scattering efficiencies encountered at low concentrations [4]. Spectral quality 
can be improved by using higher laser power, but some samples (e.g. cells 
and tissues) are susceptible to photo-damage [5].  
 
Surface Enhanced Raman Spectroscopy (SERS) is a technique that allows 
overcoming the limitations faced by normal Raman spectroscopy at low 
concentrations. Amplification of Raman signal by SERS requires the 
interaction of the sample of interest with metallic nanoparticles (see scheme 
1). Schlücker [6] summarizes the basic elements of SERS as the conjunction 
between the specificity (spectral fingerprint) of Raman spectroscopy and high 
sensitivity attained in the presence of metallic nanostructures that exhibit 
localized surface plasmon resonance (LSPR).  
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!
Scheme 1.  Normal Raman spectroscopy compared to Surface Enhanced Raman 
Spectroscopy (SERS).  

 
Fleischman et al. first observed the SERS effect in 1974 when studying 
analytes adsorbed onto a roughened metallic electrode. Nevertheless, the 
observed enhancement was incorrectly attributed to the high surface area of 
the electrode [7]. The correct interpretation of said observations, attributed to 
surface plasmon excitation, was published almost simultaneously by Albercht 
and Creighton, and Jeanmarie and Van Duyne in 1977 [8]–[10]. Forty years 
after its discovery, the exact mechanisms of enhancements are still being 
studied and debated [11]–[14]. To this point, the consensus is that the 
observed enhancements [8], [15] are mainly explained by two mechanisms: 
(a) chemical enhancement or charge transfer, and (b) electromagnetic 
enhancement (EM) [16], [11].   
 
The chemical enhancement or charge transfer (CT) mechanism depends on 
the chemisorption of the analyte to a metallic nanostructure, which increases 
the polarizability of the analyte. This causes an interaction between the 
electrons of the metal and the molecule [18], where a charge transfer from the 
analyte to the metal surface takes place [17]. Enhancement factor due to CT 
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have been calculated at 102 and 103 orders of magnitude, which is 
considerably lower than the enhancements reported for the electromagnetic 
mechanism (106-1011) [1]. 
 
Electromagnetic enhancement depends on plasmons, which are collective 
oscillation of delocalized electron  [17]. Due to the presence of free electrons 
in metals, charge separation can be induced by an incident field that induce 
the oscillation of these electrons. In metallic nanostructures, localized surface 
plasmons (LSP) occur in the surface, causing an enhancement of the 
electromagnetic field located in the metallic interface [2]. Localized surface 
plasmon resonance (LSPR) generates an absorption band in the visible 
region λmax . This λmax depends on the shape, size, material, surrounding 
medium and interparticle distance [3]. In order to induce LSP, the incident field 
(i.e. laser source) must be in resonance with the  λmax of the plasmon [1].  
Induction of LSP is key for obtaining SERS enhancements. Au and Ag 
nanostructures are usually used as SERS substrates since their surface 
plasmon λmax is in the visible range, and correspond to available laser 
excitation wavelengths (e.g., 514, 633, 785 nm lasers) [6], [8]. In addition, Au 
and Ag nanostructures can be functionalized, and several functional groups 
can adsorb and bond to their surface [4]–[6]. SERS enhancement is also 
dependent on the distance between the analyte and the metallic surface, and 
can decrease considerably at distances over 20 nm [3]. Interparticle spacings 
ranging between 1-2 nm can generate coupling or hybridization of the LSP, 
resulting in higher electromagnetic enhacement [6]. 
In general, the process of electromagnetic SERS enhancement is described 
as follows: (1) an incident laser generates the excitation of the LSP;  (2) the 
plasmon interacts with the molecules in proximity/or adsorbed to the surface 
of metallic nanostructures; (3) the molecule exhibits Raman scattering; (4) 
energy is transferred back to the plasmon [4]. In this process, both the Raman 
scattering and the excitation wavelength are enhanced by the LSP[6].  
 

 
Scheme 2. General process of electromagnetic SERS mechanism.   

SERS active systems or substrates are therefore defined as structures that 
can exhibit localized surface plasmon resonance (LSPR) and generate 
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Raman signal amplification [15]. SERS substrates can be metallic 
nanoparticles colloidal form, solid substrates supporting metallic 
nanostructures, or roughened metallic surfaces. Each type of substrate offers 
different advantages and limitations, but both types are worth exploring, as 
SERS enhancements can be tailored by changing the material, shape, size 
and dielectric environment of the metallic nanoparticles [19], [20].   The 
presence of aggregates is also a key parameter, since, it allows for the 
existence of hot spots or junctions between nanoparticles where 
electromagnetic field enhancement of the aggregated nanoparticles is 
coupled, and in consequence generates a very high and localized 
enhancement [21]–[23].  
 
Fabrication of SERS substrates can be carried out by top-down and bottom-
up methods [24], [25]. Top down methods require the use of specific 
sophisticated equipment, such is the case of lithographic techniques [26]. 
These types of SERS substrates allow for highly controlled array distribution 
and signal reproducibility, but sometimes sacrifice the higher enhancements 
caused by nanoparticle aggregates or small interparticle distances.  Bottom 
up methods are based on wet-chemical synthesis, and the main advantage is 
that there is no need for expensive or sophisticated equipment. Changing 
synthesis parameters allows the tailoring of nanoparticle characteristics such 
as shape and size, and therefore LSPR excitation and SERS enhancements. 
In addition, nanostructures can be used as colloidal nanoparticles or 
immobilized in different materials (e.g.  glass, silicon and carbon), depending 
on the application.  
 
Since the initial observation 40 years ago, SERS has been employed for the 
detection of molecules in the environmental, biochemical and biomedical field, 
among others.  In addition, SERS can be used to explore chemical changes in 
complex biological samples such as cells and tissues [17], [27]–[29]. Given 
the complex spectral signature of real-life samples, chemometric methods like 
principal component analysis (PCA), partial least squares (PLS) linear 
discriminant analysis (LDA), support vector machine (SVM), and decision tree, 
are employed in order to extract the most valuable information from spectral 
data, as well as data classification [2].  
Like normal Raman spectroscopy, SERS analysis generates specific 
fingerprint of molecules, and it is a promising technique for the development of 
ultrasensitive sensors. 
 
1.1. Motivation 
Most sensing and biosensing applications require high-throughput and 
ultrasensitive detection. As established previously, the main limitation of 
normal Raman spectroscopy arises from the low scattering efficiencies, 
making SERS a technique worth exploring for fast analyte detection.  
Recently, SERS substrates fabricated by sophisticated methods have 
emerged, yet, access to such highly sophisticated and expensive equipment 
is not available everywhere.   The main motivation behind this work is to 
demonstrate that several SERS active substrates can be developed by 
cheaper, wet-chemical synthesis methods, and are versatile and efficient 
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enough to used for a wide array of samples. Finally, these efforts can 
contribute to the advancement and standardization of SERS-based sensors. 
 
 
1.2. Problem Statement and Context 
Most established techniques employed to characterize the biochemical state 
of cells depends on either specific fluorescent labeling [30], or 
chromatographic methods [31]–[33]. Chromatographic methods offer several 
advantages, but are limited by being labor intensive, destructive techniques 
that do not allow in situ monitoring. Spectroscopic methods like Raman 
spectroscopy offer a suitable alternative for biochemical characterization of 
cells and tissue that is non-destructive and label free [1], [34]–[36].  
Nevertheless, in the case of biological system, a balance must be met 
between the signal-to-noise ratio and the laser intensity that is exerted upon 
the sample to avoid photo-damage [5]. Given that normal Raman scattering is 
limited at low concentrations, the development of SERS substrates facilitates 
detecting biomolecules in situ without compromising the sample integrity, 
while maintaining chemical specificity.  
  
In the case of single molecule detection, reaching very low detection limits is 
key, especially for compounds of environmental concern, where 
concentrations can be in the order of ng/L [37], [38]. Therefore, it is important 
to develop alternate qualitative sensing techniques, reaching low levels of 
detection while fast and label-free. 
 

 
1.3. Objectives 
The main objective is to develop versatile label-free sensors based on Surface 
Enhanced Raman Spectroscopy (SERS) that allow the detection of molecules 
of interest, and the analysis of complex biological systems.  
 
Specific objectives of this work are: 

I. Synthesis and characterization of SERS-active colloidal metallic 
nanoparticles.  

II. Development of colloidal SERS substrates. 
III. Evaluation of colloidal SERS substrates (I,II) as sensors for the detection of 

a molecule of interest.  
IV. Evaluation of colloidal SERS substrates (I,II) for the analysis of a biological 

system (cells).  
V. Development of solid SERS substrate based on the chemical immobilization 

of metallic nanoparticles. 
VI. Evaluation of solid SERS substrates (V) as sensors for the detection of a 

molecule of interest.  
VII. Evaluation of solid SERS substrates (V) for the analysis of a biological 

system. 
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Chapter 2 
 
Surface Enhanced Raman Spectroscopy of Phenolic 
Antioxidants: A Systematic Evaluation of Ferulic Acid, 
p-Coumaric Acid, Caffeic Acid and Sinapic Acid 
 
 
1. Introduction 
Ferulic acid, p-coumaric acid, caffeic acid and sinapic acid are examples of 
important natural phenolic antioxidants [1]. Due to the potential beneficial 
effects of these compounds regarding human health, considerable evidence 
about other properties such as UV-protection, anti-carcinogenic and anti-
inflammatory properties, as well as cardiovascular protection have been 
reported [2]–[5]. Phenolic acids are rarely found in their free forms [6], [7]. 
Nonetheless, studies indicate that free phenolic compounds show an increase 
of their antioxidant capacity. Other studies about bioavailability indicate that 
free ferulic acid can be absorbed along the entire gastrointestinal tract, 
furthermore, free p-coumaric acid is also rapidly absorbed, but in an intact 
form [7]. Moreover, these compounds by themself, have many industrial 
applications, for example, they can be used as natural preservatives for foods, 
and applied in the production of paints, paper, and cosmetics [8]. Therefore, 
there is an increasing development of methods for liberation of natural 
antioxidants from plant materials for industrial applications [9], [10]. 
Characterization and quantification of phenolic compounds can be determined 
by various analytical instrumental methods of which liquid chromatography is 
the technique of choice, allowing to reach limits of detection in the order of 10-

8 to 10-12 M [11]–[16]. However, in some cases, factors such as costs, real-
time implementation of analysis, assortment of standards, use of solvents and 
pretreatment of samples can restrict the use of chromatography methods, 
thus limiting a high-throughput analytical quality control [17].  
Raman spectroscopy is a well-known non-destructive vibrational technique for 
structural analysis and quantification of molecules. The fast analytical 
response and the safe contextual analysis to get measurements leading to a 
non-intrusive property [18]–[20] are only limited by the low scattering 
efficiency [21] which can restrict its applicability for analytes at low levels of 
concentration. To enhance the Raman scattering efficiency [22], [23], the use 
of particles of noble metals (e.g., Ag, Au) in the 10–100 nm size range is a 
procedure to create hot spots that ultimately interact with the analyte to 
produce resonant vibronic coupling of the adsorbate’s vibration to the 
plasmon’s transition dipole [24]–[28]. Such mechanism requires the formation 
of a metal–adsorbate chemical bond, sometimes referred as a first-layer effect 
[29]. Over the years, surface enhanced Raman scattering (SERS) has proven 
to be a powerful platform for the quantitative trace analysis of a large number 
of biomolecules including amino acids [30]–[32], proteins [33]–[35], DNA [36], 
[37], and in vivo detection of analytes in cellular environments [38]–[41]. 
Owing to the benefits of using the SERS technique for quantitative detection 
of important bioactive molecules [42]–[45] several factors have to be taken 
into consideration [46]. In particular nanoparticle size, shape and aggregation, 
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as well as the type of substrate (e.g., colloids and solid state) employed, and 
the pH of the solution studied are subjected to a more refined quality 
assessment to gain a criteria of sensitivity [47]. A survey of the literature 
reveals that a few SERS-based studies were focused on the collection of 
quantitative results in which the limits of detection have been well established 
[34], [48]–[51]. 
The main objective of this study was to develop a SERS method for the 
identification of four free phenolic antioxidants, namely, ferulic acid, p-
coumaric acid, caffeic acid and sinapic acid. Principal Component Analysis 
(PCA) was applied and performed to classify the as-prepared silver colloids 
based on the concentration of reagent employed and the nanoparticle size 
obtained (including their aggregation). Semi-quantitative analysis with glycine 
as the probe molecule was carried out to gain an insight into the sensitivity in 
the SERS-determination for the phenolic compounds. The method proposed 
is more sensitive for detection of p-coumaric acid and caffeic acid than 
previous reports [42]–[45], [52] in which the limits of detection are within the 
range of 10–3 to 10–4 M. In this study, for the first time, the SERS-detection of 
sinapic acid is reported; the lowest limit of detection reached was in the order 
of 10–9 M.  
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2. Experimental details 
 
2.1. Chemicals and reagents 
Silver nitrate (AgNO3, 99%), sodium borohydride (NaBH4, 99%), glycine (Gly, 
99%), ferulic acid (4-hydroxy-3-methoxy cinnamic acid, >98%), p-coumaric 
acid (3-(4-hydroxyphenyl)-2-propenoic acid, >98%), caffeic acid (3-(3,4-
dihydroxyphenyl)-2-propenoic acid, >98%), sinapic acid (4-hydroxy-3,5-
dimethoxy-cinnamic acid, >98%), nitric acid (HNO3, 70%) and ethanol 
analytical pure reagent were purchased from Sigma–Aldrich. All the reagents 
are reactive grade and were used without additional purification. When it was 
required, aqueous solutions were prepared using ultrapure water (18.2 MΩ 
cm–1) purified with a Milli-Q® System (Millipore Corp., USA). 
 
2.2. Preparation of SERS-active silver colloids 
Silver colloids were prepared by a modified Creighton method [53]. A stock 
solution was made by adding 10 mL of AgNO3 (3.5 mM) dropwise to 30 mL of 
freshly prepared NaBH4 solution (7 mM) cooled in an ice bath. The reaction 
was carried out in an open system under continuous stirring for 3 min [54]. 
Aging of the stock solution after synthesis was varied from 15 to 80 min, a 
factor that can influence in the size and aggregation of colloidal particles 
produced. Afterwards, aliquots of stock solution were transferred to clean 
beakers and diluted with deionized water to attain the final concentrations. A 
total number of 41 different silver colloidal suspensions were prepared by 
varying both the aging and final concentration (Table 1), which all were kept in 
darkness. No additional stabilizing agents besides excess NaBH4 were used 
in order to prevent undesirable salt-mediated reactions [55].   
 
2.3. Silver colloid characterization 
The formation of silver nanoparticles (AgNPs) was confirmed by UV-Vis 
spectroscopy and transmission electron microscopy (TEM). All the UV-Vis 
absorption spectra of the silver colloidal solutions were obtained over the 
region from 325 to 550 nm using a photodiode array Agilent 8453 UV-Visible 
spectrophotometer (Agilent Technologies, Waldbronn, Germany). The 
morphology of AgNPs was investigated with a Morgagni 268 electron 
microscope (FEI, Co) operated at 80 kV.  
TEM samples were prepared by casting 5 mL of selected colloidal samples 
onto carbon coated copper grids (Ted Pella, Redding, CA). Excess solution 
was then removed with paper filter and dried at room temperature for 
approximately 60 min. The average diameters of the nanoparticles were 
determined using ImageJ 1.43u software (Wayne Rasband National Institutes 
of Health, USA). 
 
2.4. Principal Component Analysis  
UV-Vis absorption spectra measurements taken from silver colloidal 
suspensions were analyzed by Principal Component Analysis (PCA) to cluster 
the colloids synthesized with different concentration of precursor and aging 
period of the stock solution. PCA is a useful statistical tool to estimate the 
effect of the preparation of colloids since PCA can reduce the dimensionality 
of a data set by finding an alternative set of coordinates called principal 
components [56]. This analysis linearly transforms a data matrix, which 
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contains information related to the UV-Vis absorption spectra, to new 
variables of few dimensions (e.g., concentration of reagents, nanoparticle size 
and aggregation). Thus the PCs are ranked according to their variance; PC1 
corresponds to the new variable with the maximum variance (i.e., 
concentration of silver), and PC2 is the second variable (i.e., size of AgNPs) 
that contains all of the information not included in PC1. The score values of 
the principal components were used to associate the as-obtained silver 
colloids in clusters according to trends in the data obtained. Data analysis was 
carried out using The Unscrambler® X version 10.1 software package.  
 
2.5. Surface-enhanced Raman spectra measurements  
SERS measurements were acquired using a LabRam HR 800 Raman 
spectrometer (Horiba Scientific, France) equipped with a He-Ne laser (15 
mW) operating at 633 nm. A 40 mm objective lens was used for sample 
focusing; the collection of Raman spectra were accumulated over 4 s. 
Scattered light was collected by a CCD camera thermoelectrically cooled at –
70 ºC. Raman scattering was dispersed with a 200 lines/mm grating, which 
resulted in spectra in the range from 400 to 2600 cm-1. SERS spectra were 
recorded in 1-mL quartz cells filled with silver colloidal mixed with the required 
amount of analyte. 
 
2.5. Analysis of antioxidants  
The effect of pH on the SERS enhancement was studied by mixing each 
analyte (FA, 4CA, CA and SA) with the silver colloid to obtain a final 
concentration of 7.5x10-6 M. The concentration was fixed, and pH was varied 
in a range from 2 to 12 using HNO3. The pH of the solution was measured 
with a pH meter. 
For studying the variation of SERS spectra with concentration, a stock 
solution of 1x10-2 M of each analyte and silver colloid were mixed in a final 
volume of 1 mL, to obtain working concentrations between 2.5 × 10-9 M and 
7.5 × 10-6 M. pH of the solution was 6.5, 6.3, 5.5 and 6.3 for FA, 4CA, CA and 
SA, respectively.  
The area under the curve of each SERS spectra was calculated in the range 
of 1100 to 1700 cm-1 using the Origin 9.1 software package.  
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3. Results and discussion 
 
3.1. Characterization of silver colloids 
Aging time of the stock solution can allow the formation of individual 
nanoparticles of different sizes [30]. Subsequent dilution can induce 
precipitation [57] since the concentration of NaBH4 is reduced. Such 
differences can be highlighted as the systematic changes observed in the 
shape of the UV-Vis absorption bands (e.g., broadening absorbance peak, 
shoulders and lmax shifts). The UV-Vis absorption spectra of the colloidal 
suspensions are shown in Figure 1A. It can be observed that the position of 
the main surface plasmon resonance peak is located at around 390 nm, 
providing evidence of AgNPs formation. Also, a pale yellow solution is a good 
indication that the chemical reaction took place and that the seeds available in 
the solution ranges from 5 to 20 nm in diameter, in agreement with previous 
studies reported elsewhere [30], [58]. In Figure 1A, the sharpness of some 
peaks suggests the uniqueness of the particle-size when the peak width half 
medium (PWHM) is approximately 25 nm. On the other hand, the existence of 
colloids with several particle sizes was observed through the formation of 
dark-brown color solutions, in which their corresponding absorption bands 
show the emergence of shoulders, which can be related with the presence of 
particles of different size [59], [60]. A red shift in the λmax indicated the 
formation of larger particles [61], [62] whose bands of absorption are broader 
and located at 406 nm. 
 
PCA analysis was carried out to cluster the colloidal suspensions according to 
variances in concentration, aggregation and size of nanoparticles. Table 1 
shows the conditions of preparation of the used colloids. As observed in 
Figure 1C, the score plot of PC1 (88% of the total variance) versus the score 
plot of PC2 (9% of the total variance) separates the colloids in clusters that 
were grouped in the four quadrants. Samples of colloids observed in both the 
left and right side (e.g., colloids 3, 6, 8, 9, 11, 12, 14, 16, 28, etc.) were not 
clustered by the PCA since they correspond either the lowest or the highest 
concentrations tested respectively. However, several colloids were clustered 
at the center of the plot, which can be distinguished by variances along the 
PC1 and PC2 axes. In particular, the PC2 axis spans the variation in the 
nanoparticle size and aggregation, from large-aggregated (bottom) to small 
(top). The colloids prepared with a intermediate values of concentration are 
located at the center, namely, (A) the colloids obtained within an aging period 
of 60-80 min, which showed a largest nanoparticle sizes and aggregation (–2 
< PC2 < –1); (B) the colloids obtained within a period between 15 and 30 min, 
which showed medium nanoparticle sizes (–0.5 < PC2 < 0.5); and finally (C) 
the colloids obtained within aging periods from 45-60 minutes, which exhibited 
the smallest nanoparticle sizes (0.5 < PC2 < 1.5). In the synthesis of the 
colloids, the reducer is also used as stabilizer (NaBH4), therefore, the aging 
time affects not only the aggregation but also the nanoparticle size. These 
features confer together differentiation among UV spectra, which is reflected 
in the PCA study. 



!15!

 
 

 
 
Figure 1. A) UV-Vis spectra of the synthesized Ag colloids. B) Representative TEM 
micrographs of colloids with high and low levels of aggregation (Left and right). C) 
PCA score plot and D) PCA loadings.   
 
 
Representative TEM images of silver colloids are shown in Figure 1B. 
Although sample preparation for TEM measurements can impact the 
morphology of the nanoparticles, this technique has been used to reinforce 
the observations derived from the UV-spectra analysis regarding size and 
nanoparticle aggregation between selected colloids [7]. It was observed that 
AgNPs are predominantly spherical in shape. The profile measurements 
showed that the diameter of these particles is roughly 2-15 nm (small size), 3-
20 nm (medium size) and 8-30 nm (large size). Moreover a lower degree of 
aggregation was observed for the colloids in which individual particles display 
an average size of about 8.5±3 nm (Fig. 1B, right, while the colloids with 
larger particles of 19.0 ± 2 nm showed a high level of aggregation (Fig. 1B, 
left). These observations suggested that the aging period of the stock solution 
could induce changes in the size and aggregation of the AgNPs. 
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Table 1. Synthesis conditions for silver colloids 

 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 

         

AgNPs  
 

Stock aging time 
(min) 

pH-value [AgNO3]f [NaBH4]f 

colloid   (mM) (mM) 
          
1 30 8.04 0.15 0.87 
2 65 8.02 0.15 0.87 
3 15 8.35 0.22 1.31 
4 60 7.99 0.15 0.87 
5 50 8.38 0.15 0.87 
6 15 7.94 0.01 0.20 
7 65 8.21 0.15 0.87 
8 45 7.90 0.08 0.48 
9 45 8.38 0.10 0.58 

10 60 8.00 0.15 0.87 
11 45 8.01 0.10 0.58 
12 45 8.20 0.29 1.75 
13 20 8.02 0.15 0.87 
14 15 7.95 0.08 0.48 
15 30 8.00 0.15 0.87 
16 15 8.38 0.22 1.31 
17 50 8.04 0.15 0.87 
18 45 8.00 0.15 0.87 
19 45 7.99 0.15 0.87 
20 50 8.05 0.15 0.87 
21 50 8.00 0.15 0.87 
22 45 8.01 0.15 0.87 
23 55 8.02 0.15 0.87 
24 45 8.00 0.15 0.87 
25 50 8.02 0.15 0.87 
26 55 7.99 0.15 0.87 
27 30 8.04 0.15 0.87 
28 15 7.95 0.10 0.58 
29 65 8.02 0.15 0.87 
30 65 8.02 0.15 0.87 
31 30 8.00 0.15 0.87 
32 50 7.98 0.15 0.87 
33 30 8.05 0.15 0.87 
34 65 8.03 0.15 0.87 
35 75 8.00 0.15 0.87 
36 25 8.02 0.15 0.87 
37 65 8.04 0.15 0.87 
38 70 8.00 0.15 0.87 
39 80 8.04 0.15 0.87 
40 15 7.90 0.10 0.58 
41 55 8.00 0.15 0.87 
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3.2. Evaluation of SERS-active silver colloids with a probe molecule  
Selected silver colloids from PCA clusters A, B and C, as well as non-
clustered colloids were used to test the SERS activity using glycine (Gly) as a 
probe molecule with well known Raman and SERS peaks [63]–[65] in order to 
identify the optimal conditions of colloidal synthesis which allows the formation 
of hotspots caused by particle aggregation [66]  and their further use for study 
of antioxidants.  
 
The enhancement in the intensity of glycine (2.5 × 10-3 M) by using different 
AgNPs colloids against normal Raman scattering (1M) is shown in Fig. 2. The 
pH for all the synthesized colloids was adjusted to a value of 8.0 to promote 
deprotonation of COOH (pKa = 2.3, carboxylate) [30], [31], [63]. Therefore, 
the interaction of Gly with AgNPs was highly improved using a higher 
population of molecules with negative partial charges (i.e., Gly anion). As 
compared to the corresponding Raman spectrum, the SERS enhancement 
observed can be particularly remarked for the peak assigned to a symmetric 
stretching vibration for the carboxylate group (–COO–) at ~1382 cm–1. Such 
vibration corresponds to the adsorption of the amino acid onto the surface of 
AgNPs through the carboxylate [14]; there is no indication of the 1600-cm–1 
vibration related to the carboxyl group (–COOH) [15]. As Fig. 2 shows, the 
highest SERS intensities were obtained for colloids located at PC1>0, while 
lowest intensities were obtained for colloids located at PC1< 0. In particular, 
high intensities were observed for the colloids 2 and 7 located in cluster A. 
Moreover, it was observed that low nanoparticle concentration (e.g., colloids 6 
and 8) produced no significant signals. According to PCA analysis, those 
colloids have a suitable nanoparticle size to allow detection of analytes at very 
low levels of concentration; nonetheless, a certain degree of nanoparticle 
aggregation [56, 57] is needed in order to obtain the enhancement. PCA 
analysis (PC2 < 0) suggested that the colloids obtained by aging stock 
solution between 60 and 80 min and high concentration can produce the 
highest enhancement of SERS signals (e.g. colloid 12). Therefore one of the 
most critical parameter on the SERS enhancement is the nanoparticle 
aggregation, possibly due to the number of active sites upon which the 
analytes are adsorbed, as reported for molecules like nile blue [19] caffeine 
[54], tryptophan [30] and proteins [48]. 
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Figure 2. Comparison of normal Raman and SERS spectra of Gly adsorbed on 
several Ag colloids. These colloids are circled in the PCA scatter plot. Gly 
concentration was 1 M for normal Raman and 2.5x10-3 M for SERS test. Both 
measurements were carried out in solution. Spectra are ordered from highest to 
lowest signal enhancement. 
 
 
3.3. SERS-based method for systematic evaluation of antioxidants  
SERS spectra of ferulic acid (FA), p-coumaric acid (4CA), caffeic acid (CA) 
and sinapic acid (SA) obtained with silver colloidal solutions are shown in 
Figure 3. Initially, the SERS-active silver colloids tested were the samples 7, 
2, 12, allocated in those variances representing the values PC1> 0 and PC2 
<0 since they have shown high performance for SERS effect (data not 
shown). Finally, colloid 12 was employed for all further experiments with 
antioxidants. In Figure 3, FA, 4CA, CA and SA analytes were used with a 
concentration of 7.5 × 10-6 M, which was the highest concentration analyzed 
by SERS technique in this work, and where the peaks are more defined for 
their respective assignment. For comparison, the normal Raman spectra were 
obtained from a film made by drop casting an aliquot of 1 M solution of 
antioxidants molecules onto aluminum substrates and followed by air-drying. 
The background (i.e., silver colloids) level is as low as constant that do not 
contribute to the signals detected. Band assignments obtained from Raman 
and SERS measurements are provided in Table 2.  
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Table 2. Raman and SERS vibrational frequencies (in cm–1) of ferulic acid (FA), p-
coumaric acid (4CA), caffeic acid (CA) and sinapic acid (SA) and their tentative band 
assignments.  
 
SERS (cm-1) Assignment 
FA 4CA CA SA  
487       485 502 o-dyphenlyl deformation, ring out-of-plane bending 
 561 574  COO- in-plane bending 
  752  C-H and C-C out-of-plane bending  
   899 C-C stretching, C-OO- stretching 
958 977 969 973 Out-of-plane C-H bending 
  1107  -OH bending 
1126 1162 1164 1156 In-plane C-H bending 
1219 1238 1221 1284 C-O stretching 
1360 1372 1351 1345 -COO- stretching 
 1420 1435  Phenyl ring stretch, -OH bending, C-O stretching 
1479   1452 -OCH3 bending, -OH bending 
1521 1584 1492 1580 C=C stretching  
1605 1622 1599 1624 Phenyl ring deformation 
 
 

 
 
Figure 3. SERS (7.5 × 10–6 M), Ag colloid blank and normal Raman spectra (1M) of 
CA, FA, 4CA and SA. The Ag colloid blank consists of 2.56% of EtOH, 97.44% of 
AgNP colloid and was adjusted to pH 6.44 with HNO3. Spectra are average of 5 
individual measurements.  
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The main characteristic bands located in the SERS spectra are the stretching-
type modes of the  –COO– moieties and C=C bonds that leads to deformation 
of phenyl rings. The symmetric –COO– stretching appeared at 1360, 1372, 
1351 and 1345 cm–1 while the C=C [52], [68] stretching were observed at 
1521, 1584, 1492 and 1580 cm–1 for FA, 4CA, CA and SA analytes, 
respectively. The phenyl ring deformations appeared as intense bands at 
1605, 1622, 1605 and 1624 cm–1 in the corresponding spectrum. The bands 
located at 1126, 1162, 1164 and 1156 cm–1 can be attributed to in-plane C–H 
bending vibrations, while the bands at 958, 977, 969 and 973 cm–1 may be 
assigned to out-of-plane C–H bending vibrations for FA, 4CA, CA and SA, 
respectively. The difference observed in the wavenumbers and relative 
intensities is explained in terms of physical adsorption of the analytes to the 
AgNPs surface [69, 70]. For instance, the presence of the band in the region 
1370-1340 cm–1 pointed out a possible interaction via the carboxylate group. 
However, a close inspection reveals that the adsorption can also take place 
through other different conformations. This is the case for CA, in which the 
existence of two bands in the region 580-480 cm–1 suggested that the 
adsorption occurred through the o-diphenyl moiety, and thus the analyte can 
be adsorbed to AgNPs through a perpendicular orientation [46]. Moreover, the 
appearance of a high intensity band seen at 485 cm–1 was related to 
polymerization of CA [45]. In the case of FA, the SERS spectrum also showed 
the aforementioned bands but in contrast to CA, a broader and low intensity 
band was observed at about 550-500 cm–1. In the cases of 4CA and SA, there 
was observed only a weak band at 561 and 502 cm–1, respectively. The 
evident change observed at this region is a consequence of the chemical 
nature of the analytes, and thus can be directly dependent of the sum of the 
surface effects (e.g., electronic effects, steric hindrance and pH of the 
solution). Finally, the normal Raman spectra for each antioxidant (1 M) were 
obtained and compared to the corresponding SERS spectrum (1 × 10–6 M). 
The SERS enhancement factor (EF = ISERS/IR × CR/CSERS) was calculated for 
the peak at about 1610 cm–1 and thus was estimated to be approximately 5.4 
× 105. This definition is particularly suited to the case of SERS active liquids 
such as the case of colloidal solutions [71]. 
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Figure 4. Dependence of SERS intensity on the pH value. Concentration was fixed 
at 7.5x10-6M and the pH was modified from 2 to 12 and the SERS spectra were 
acquired for each value. The area under the curve was calculated for peaks in the 
region between 1100 and 1700 cm–1. 
 
 
Figure 4 shows the pH dependence for SERS spectra of phenolic antioxidants 
obtained in the pH range of 2 to 12. The SERS spectra were obtained and the 
areas were calculated for the spectral region between 1100 and 1700 cm–1. 
This range was used to calculate absolute SERS enhancement, since the pH 
variations could affect the molecular conformation of the analyte and hence its 
interaction with the colloid surface.   The maximum areas were observed at 
pH values from 5.0 to 6.5.  The SERS spectra changed at different pH values, 
which suggested that the adsorption orientation on nanoparticles is pH-
dependent [72]. Based on the pKa values [20] corresponding to the –COOH 
groups of the antioxidants analyzed (see Scheme 1), the latter indicated that 
the chemical analyte–AgNPs interaction occurred in anionic form (i.e., such as 
a carboxylate), as observed for Gly. At the more acidic pH values, the overall 
spectral quality is totally modified giving rise to smaller areas. Those changes 
in the spectrum can be attributed to decomposition of analytes. However, it is 
also well known that SERS spectra are elusive to detection because of the 
instability of colloids under extreme pH conditions [74]. Therefore, a less 
dramatically change in the SERS spectra was observed up to pH values 
within 7 and 7.5, which suggested the interaction of carboxylate group. It is 
noteworthy that other anionic species can be formed due to partial 
deprotonation of the –OH groups. Taking into account the second pKa value  
[73] of the antioxidants studied, it was observed that very weak bands in the 
SERS spectrum were obtained at pH > 9 values. For the case of CA, 
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enhancement of SERS signals were observed at basic pH values within 8 and 
10, probably due to a reorientation of analyte on the silver surface. Thus, the 
enhancement in the SERS spectra was corroborated by the appearance of a 
strong band attributed to the phenol n(C–O) stretching vibration located at 
1219, 1238, 1221 and 1284 cm–1 for FA, 4CA, CA and SA, respectively. The 
adsorption of the second anionic structure onto AgNPs may stabilize the 
phenolate form of antioxidants; however experimental limitations hinder the 
observation of a possible Ag–O interaction (~250-350 cm–1) [75,76]. As a 
whole, these results pointed out the importance of the pH value to attain 
reproducible SERS spectra when using silver colloidal solutions. 
 

 
 
Figure 5. Concentration dependent SERS spectra of FA, 4CA, SA and CA adsorbed 
onto Ag colloids.  
 
Figure 5 shows the SERS detection at different levels of concentration of 
analytes. The SERS spectra cover a concentration range between 7.5 × 10-6 

M and 2.5 × 10-9 M. As described above, the largest SERS enhancements 
were obtained for dilute solutions of antioxidants that were particularly 
adjusted to those pH values. The SERS spectra of SA, FA, 4CA and CA were 
recorded at 6.3, 6.5, 6.3 and 5.5 pH value, respectively. The low-
concentration (2.5 × 10-9 M) spectra showed two characteristic bands 
observed at about 1360 and 1610 cm–1 and attributable to ns(COO–) and in-
plane C=C stretching mode, respectively. On the other hand, the SERS 
spectra of SA were recorded at pH 6.1. The SERS spectrum of SA showed an 
intense band located at 1452 cm–1 attributable to –OCH3 bending. However 
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fluctuations of the SERS intensities at concentrations lower than 1 × 10-8 M 
were observed. Differences in the relative intensities recorded can be 
explained in terms of chemical adsorption of the analytes to AgNPs. Due to 
steric hindrance of the –OCH3 groups, which are adjacent to –OH group, SA 
can be only adsorbed to AgNPs through a nonperpendicular orientation. The 
interaction between the ring and the silver surface is supported by the strong 
intensity of the C=C ring stretching mode observed at 1605 cm–1, which is 
clearly visible at higher concentrations. However, the orientation of SA is quite 
difficult to determine due to the analyte keeps very low symmetry (Cs point 
group). 
To verify the univariate linear dependence of the SERS-based method, 
calibration curves were obtained by plotting the SERS intensities of the SERS 
spectra against the antioxidant concentration in a range from 2.5 × 10-9 M to 
7.5 × 10-6 M.  
 

 
Figure 6. Calibration curves for of CA, 4CA, FA and SA from  (A) 2.5x10-9 M to 
2.5x10-7 M and (B) 2.5x10-9 M to 7.5 x10-6 M. 
 
 
Figure 6A and 6B shows graphs of concentration versus areas, which were 
calculated for the spectral region between 1100 and 1700 cm–1. For the 
purpose of semi-quantitative detection, high sensitivity was observed for CA, 
4CA, FA and SA. However, there is no significant correlation at low 
concentrations, as shown in Fig. 6A. These results can be attributed to the 
chemical structure of the analytes, which should cover the surface of 
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nanoparticles only at a submonolayer level [77]. Particularly, despite the lack 
of correlation at low concentrations of SA, this is the first study in which this 
phenolic antioxidant was detected by a SERS method, with a limit of detection 
in the order of 1x10-9 M.  In the case of higher concentrations of analyte 
(Figure 6B), a dependence of the SERS spectra on the concentration was 
observed, with correlation coefficients of 0.993, 0.986, 0.945, 0.989 for CA, 
4CA, FA and SA, respectively.  
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4.Conclusions 
A PCA analysis was employed as a useful tool to cluster the colloids prepared 
in this work on the basis of their concentration aggregation and nanoparticle 
size, in order to gain insights into the sensitive and quantitative SERS 
determination.  Tests with diverse colloids show that not any colloidal solution 
can generate sensitive SERS measurements; some of them offered poor 
levels of enhancement or produced no signal at all, even when working with a 
test molecule like the amino acid glycine. Selected conditions for colloidal 
synthesis such as high concentration and long aging times (Table 1) were 
used for the development of a highly sensitive SERS-based method for the 
detection of ferulic acid, p-coumaric acid, caffeic acid, and sinapic acid. The 
prepared SERS-active silver colloids showed an effective enhancement of 
Raman signals allowing the sensitive detection of the analytes at low 
concentrations (2.5x10-9M). For 4CA and CA, these low detections were 
reached for the first time. In addition, the SERS analysis of SA using silver 
colloids is also detected for the first time. Moreover, it was observed that the 
enhancement of SERS signals was highly dependent on pH, and 
subsequently on the chemical structure of each analyte at a specific pH value 
and its interaction with the surface of the metallic nanoparticles 
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Chapter 3 
 
Carbon-Based Electrospun Nanofibers Decorated With 
Gold Nanoparticles as Substrate for SERS 
 

1. Introduction 
 There has been an increasing interest in Au and Ag plasmonic substrates 
with well-controlled architecture for providing Surface Enhanced Raman 
Spectroscopy (SERS) for improved sensitivity and high-speed monitoring at low 
concentrations of target analytes [1]. 3D substrates composed of nanofibers 
provide higher surface area for nanoparticle attachment and generation of SERS 
hot spots [2]. Previous studies of electrospun nanofibers based on embedding of 
metallic nanostructures directly inside of fibers in the polymer matrix [3-5] or the 
direct growth on the fibers [2]. However the main drawback of these approaches is 
the limited control over the final shape of the metallic nanostructure. Furthermore, 
these approaches are not compatible with all nanoparticles, such as gold, which 
have very lower melting temperature than carbon pyrolysis temperatures. Gold 
nanoparticles (AuNPs) have low susceptibility to oxidation and are known to be 
highly stable. In addition, gold nanostructures are biocompatible and adequate 
materials for detection of biological analytes and environmental samples [6, 7]. A 
main drawback of polymeric nanofibers is that when in contact with water, the 
fibers swell and consequently lose their advantageous morphological 
characteristics such as porosity and high surface area. In some cases, fibers are 
completely dissolved [8, 9]. Carbonized polymer fibers are highly water-stable 
substrates and maintain the desirable properties of porosity, hierarchical structure 
and high superficial area provided. Furthermore, enrichment of the carbon surface 
by means of oxidative processes can offer a high degree of control over the post-
synthesis decoration with nanostructures. 
 
In this work a novel methodology to prepare SERS-active substrates composed of 
carbon electrospun nanofibers decorated with Au nanoparticles was developed. 
Nanofibers employed in this study were modified by several steps which include: 
an oxidation process for producing oxidized functional groups into the surface, a 
covalent functionalization with alcoxi-amine-silanols through one-step methodology 
with 3-aminopropyl-trimethoxysilane (APTMS), and the deposition of Au 
nanoparticles that were attached throughout a metal-NH linkage.  
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2. Experimental details 
 
2.1. Gold nanoparticle synthesis and characterization 
Gold nanoparticles (AuNPs) were synthesized by the method of chloroauric acid 
(HAuCl4·3H2O; Sigma–Aldrich, USA, 99%) reduction with trisodium citrate 
dihydrate (Sigma–Aldrich, USA, 99%).  
AuNPs were characterized by UV-Vis spectrophotometry and scanning electron 
microscopy. UV-Vis spectra were recorded in the range of 200-800 nm by a 
photodiode array (Agilent 8453 UV-Visible spectrophotometer, Agilent 
Technologies, Waldbronn, Germany). UV-Visible Chem-Station was used for data 
acquisition. The samples for Scanning Electron Microscope analysis (JEOL, JSM-
7800F Field Emission Scanning Electron Microscope, Japan) were prepared on a 
carbon-coated copper grid cleaned previously with chloroform by dropping a very 
small amount of the sample onto the grid. The sample was dispersed and extra 
solution was removed by using a blotting paper and then the film on the grid was 
allowed to dry for 60 minutes. The average particle diameter of AuNPs on CNFs 
was calculated from the following formula:  〈d〉AuNP = Σnidi/Σni, where ni is the 
number of particles of diameter di.  The histograms of the AuNPs sizes were 
established from the measurements of 500 to 1000 particles by using ImageJ 
1.43u. 
 
2.2. Carbon nanofibers fabrication and characterization 
CNFs were fabricated by a far-field electrospinning technique and carbonized in a 
pyrolytic oven (UC, Irvine). Briefly, a 10% w/v solution of commercial 
polyacrylonitrile (PAN) and N,N- dimethylformamide (DMF) was prepared and 
vigorously stirred at room temperature with sodium phosphate until the solution 
reached a conductivity of 0.71 mS/cm. Then, the solution was loaded for 
electrospinning process, in which a high voltage (typically 10 kV) is used to create 
an electrically charged jet of the polymeric solution. A distance of 10 cm between 
the tip of the needle and the collector was fixed and thus the positive voltage was 
applied to the needle. A flow rate of 0.1 ml/hr was controlled with a PHD 70-2001 
syringe pump (Harvard Apparatus, Holliston, MA, USA). In the air gap between the 
nozzle and the collector, the solvent evaporates from the polymeric jet, giving rise 
to the formation of nanofibers; silicon wafers were used as collector substrates. 
Afterwards, the obtained mats were subjected to an open air thermal stabilization 
step at a temperature of 280°C for 1 h (6.9°C/min between 25°C and 280°C). 
Finally, a carbonization step at 900°C for 2 h was conducted (7.5°C/min; between 
25°C and 700°C and 2.2°C/min between 700°C and 900°C) under a N2 flow rate of 
2500 SCCM (standard cubic centimeters per minute). 
 
 
2.3. SERS substrate preparation 
To attach oxidized functional groups into the surface of the CNFs substrates, 1 mg 
of KMnO4 was carefully added to a solution composed of 3:1 (H2SO4:HNO3) v/v 
and gently stirred for 5 minutes resulting in a green solution. Each CNFs mat was 
placed in a 50 ml beaker containing the acidic mixture and then was heated at 
70°C during 6 h; during this time the color of the solution changed from green to 
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yellow, then to brown, and finally to purple. After, three drops of hydrogen peroxide 
were added in order to stop the oxidation process; the color of the solution 
changed from purple to transparent white. The nanofibers were washed with 
ultrapure water until it reached pH 7. Then, CNFs mats were allowed to stand in 
ultrapure water for 1 h. After that, CNFs were left in a desiccator overnight for 
further surface functionalization. 
 
The functionalization reaction was performed to introduce amine functional groups 
instead of the oxidized groups by mixing the CNFs with 10 ml of a solution 
(10:0.5:0.5 v/v) consisting of methanol, NH4OH, and 3-aminopropyl-
trimethoxysilane (APTMS, Sigma-Aldrich USA, 97%) for 24 h at room temperature 
in darkness. The prepared nanofibers were washed with methanol, isopropanol 
and water three times. Afterward, nanofibers were allowed to stand in ultrapure 
water for 30 min. 
 
Finally, CNFs were decorated with the synthesized AuNPs by placing them for 24 
hours in a petri dish containing 9 ml of the colloidal gold solution. The mats were 
collected and soaked in ultrapure water in order to remove unattached 
nanoparticles. Finally, Au coated CNFs were placed into a desiccator until their 
use. Immobilization of AuNPs onto the  carbon-based nanofibers was confirmed 
with a JEOL JSM-7800F field-emission scanning electron microscope (SEM) 
operating at 15 kV.  
 
 
2.4. SERS measurements  
Surface-enhanced Raman spectroscopy (SERS) spectra were acquired with a 
Renishaw inVia Raman system (Renishaw, UK) equipped with an electronically 
cooled (-70oC) CCD camera and a research grade Leica microscope. A 50× 
objective was used for sample focusing and collection of Raman scattering. Raman 
signal was dispersed with a 2400 lines/mm diffraction grating, which resulted in 
spectra in the range 200 cm–1 to 3200 cm–1. Sample excitation was provided by a 
514.4 nm Argon laser (Modu-Laser, USA) with a nominal output power of 50mW; 
for SERS measurements the laser was attenuated to 2.5% of the total nominal 
output. Exposure time was set to 10s. The streamline configuration was employed 
using a 20×20 um2 area irradiated. The spectral resolution was 4 cm–1 and the 
sample was exposed to air. Integration and data treatment of SERS spectra were 
carried out using the OriginPro 9.1 software (OriginLab Corporation, USA). 
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3. Results  
 
The absorption spectrum of the synthesized AuNPs colloids is shown in Figure 1a. 
The surface plasmon resonance (spr) is observed by the absorption maximum 
(Aspr) at 523 nm. The plasmon bandwidth was measured as twice the distance from 
the low-energy side of the absorption band to the maximum position at half the 
maximum intensity (Assuming symmetric band). The plasmon bandwidth is 
calculated to be 82 nm.  
 
A typical SEM image of the colloidal AuNPs employed in this study is shown in 
Figure 1b. There, the image reveals that the spherical nanoparticles are well 
dispersed. From the size distribution histogram, Figure 1c, the as-prepared AuNPs 
have an average particle size of about 17.1 ± 1.1 nm with a narrow size distribution 
(ImageJ software; averaged for 700 particles), which should enhance its contact 
with the substrate.  
The Raman spectra of pristine CNFs is shown in Figure 2a, in which a total of three 
peaks can be observed at  ~1593 cm–1 (width 98 cm–1),  ~1360 cm–1 (width 308 
cm–1), and an intense peak centered at about 2905 cm–1 (width 344 cm–1) 
corresponding to D, G, and 2D vibrational modes found in polycrystalline carbon-
based structures [11].  
 

 
Fig. 1. a) UV–Vis absorption spectra of AuNPs in water with the surface plasmon 
resonance at 523 nm. b) Representative SEM image of AuNPs. c) Size distribution 
histogram obtained from SEM image. 
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Figure 2b shows the normal Raman spectrum of Rh110 adsorbed onto CNFs 
without surface-decorated process of AuNPs. As can be seen, normal Raman 
spectrum of concentrated Rh110 is largely hidden by a huge amount of 
fluorescence. A 1×10–4 M Rh110 solution was also analyzed in the same 
experimental conditions; the resulting Raman spectrum is shown in Fig. 3c. This 
spectrum resembles those most frequently obtained for pristine CNFs (see Fig. 
2a).  Then, the background for CNFs was subtracted and thus the Raman 
spectrum for 1×10–4 M Rh110 solution was obtained and depicted in Fig. 2d. It is 
believed that the signal seen in this figure (Figure 2d) is a result of equipment 
noise, which is obscuring the broad background signals. Therefore, a selected 
region of the experimental Raman spectrum is shown in the inset (Fig. 2e). A 
number of weaker signals emitted at 355, 423, 636, 769, 1369, 1565 and 1644 cm–

1 can be observed when fitted using third-order Savitzky-Golay filter [12]. 
 

 
Fig. 2. a) Raman spectra for pristine CNFs. b) Concentrated Rh110. c)  Rh110 1×10–4 M 
on pristine CNFs and (d) 1×10–4 M Rh110 on CNFs subtracting the background due to 
CNFs signals; selected range from d) was fitted, normalized and amplified in the inset (e).  
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Fig. 3. SEM images of carbon nanofibers decorated with AuNPs at different 
magnifications. Scale bar,  a) 2 µm , b) 500 nm, c) 100 nm, and d) 70 nm. 
 
Figure 3 shows the SEM images of the CNFs decorated with AuNPs at different 
magnifications. From the figure, it can be seen a typical rigid, thin and well-
controlled nanofibers surface structure. CNFs appear to have 1000 microns in 
length but on rare occasions, very small fibers was also observed whereas the 
diameter was in the nano-scale ranging from 90 nm to 170 nm.  
 
The average diameter of nanofibers was measured as 131 ± 37.2 nm. Although it 
is not possible to distinguish the incorporated APTMS material, it can suggest that 
the inorganic material totally covers the surface of nanofibers. As it seen from Fig. 
3b, the nanoparticles are uniformly dispersed throughout, implying an efficient 
performance as a SERS-active substrate. Conditions employed in this 
functionalization process can effectively attach nanoparticles and thus produce a 
dense coverage all over the surface. A close inspection form Fig. 3d reveals the 
spheroidal morphology of the nanoparticles arranged as small dots forming 
clusters of 2-5 particles. The average diameter of 673 nanoparticles on the surface 
of the CNFs was calculated as 17.3 ± 1.6 nm. 
 
The SERS intensity of Rh110 as a function of its molecular concentration during 
the sensing was observed in detail using three concentrations of Rh110 at 1×10–4, 
1×10–5 and 1×10–6 M. The resulting spectra are shown in Figure 4, where it can be 
seen the dependence of SERS intensity on Rh110 concentration. The peaks 
detected at 1×10–5 M are similar to those observed at 1×10–4 M with lower intensity 
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of the bands, especially at the range of 500-1200 cm–1 at which the peaks at 703, 
725, 987 cm–1 are at the level of the instrument noise and thus cannot be 
distinguished. Although the intensity decreased as the concentration of Rh110 was 
reduced, the SERS signals are still identifiable at 1×10–6 M. The capability of 
sensing Rh110 at such concentration is confirmed by the peaks observed at 351, 
422, 634, 766, 946, 1188, 1365, 1504, 1565, and 1646 cm–1. The limit of detection 
is obtained with these substrates is high, since rhodamine has ben detected at 
10x10-9 M to 1x10-12 M [13],[14] and can be caused by the separation between 
nanoparticles in the substrates, since it is known that interparticle distance affects 
SERS enhancement  [14], [15]. Although some nanoparticle clusters are observed, 
interparticle distance in some fibers is higher than 20 nm (Fig. 3d). Ideally, an 
interparticle distance of 1-2 nm allows for plasmonic coupling.  Subsequent 
immobilization of more nanoparticles using small linker molecules[16] could help 
improve SERS enhancements.  
Nevertheless, the observation that similar bands appear in all the three 
concentrations employed suggest a reproducible SERS methodology.  In addition, 
fluorescence quenching was observed, which can be caused by the SERS and the 
graphitic carbon surface [17]. 
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Fig. 4. SERS spectra of several rhodamine 110 concentrations: 1×10–4 M, 1×10–5 M and 
1×10–6 M (bottom-to-top). 
 
It is evident that the Rh110 can interact mainly with the gold particles through the 
NH group and thus explaining the Au–NH bonding observed at 280 cm–1. This 
comparison suggests that adsorption of Rh110 on the gold particles through the 
Au–NH bonding would be present; therefore, the NH group should lie in the 
proximity of the gold surface. 
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4.Conclusions 
A SERS-active substrate was obtained by using carbon nanofibers (CNFs) that 
were prepared by combining far-field electrospinning with a high-temperature 
carbonization technique, and chemically modified by oxidation, silanization and 
AuNPs surface-decorated processes.  Substrates based on CNFs are simple to 
fabricate; due to the large surface area of the nanofibers, this property can be used 
to maximize the SERS enhancement factor and due to their chemical composition 
they can be modified for the immobilization of AuNPs.  
AuNPs covered CNFs, including non-superficial layers, however interparticle 
distance was high. SERS enhancement with these substrates was tested with 
Rh110, reaching a 1×10–6 M detection limit. The detection limit is not adequate, 
however this sets the basis for further tailoring of the substrates.  
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Chapter 4 

 
Interaction of TGA@CdTe Quantum Dots with an 
Extracellular Matrix of Haematococcus pluvialis 
Microalgae Detected Using Surface-Enhanced Raman 
Spectroscopy (SERS) 
 
 
1.Introduction 
The use of engineered nanomaterials has significantly increased in recent years, for 
example in electronic devices [1], medical applications [2], cosmetics [3], and food 
products [4,5]. Nanostructured materials have emerged as a new class of 
environmental contaminants and this growth generates an environmental impact and 
increases the likelihood of an accidental interaction with organisms such as plants 
[6,7]. Moreover bioaccumulation is usually the means of entry of a nanomaterial into 
the trophic web and its toxic consequences are directly linked to higher trophic 
levels. 
 
Within the different nanostructured materials quantum dots (QDs) are attractive for 
biotechnology applications, partially due to their optical properties. Among several 
other uses, QDs have been used for long-term tracking of biological processes in 
living systems and biological imaging with reduced photobleaching [8]. QDs are 
mostly synthesized in a non-polar organic solvent and therefore have a hydrophobic 
surface that often leads to aggregation in aqueous media, limiting their biological 
application [9,10]. Considering this problem, modified CdTe QDs are one of the 
most successful type of materials applied to biotechnology. CdTe QDs have been 
encapsulated or surface-modified in order to prevent aggregation and increase 
water-solubility and biocompatibility [10,11] . Some CdTe  QD   stabilizer thiols are: 
thioglycolic acid (TGA), 3-mercaptopropionic acid (MPA), and mercaptoethanol 
(ME). Thioglycolic acid and MPA stabilized CdTe QDs have been tested in the most 
common buffers (pH, 5–11) for the indirect immunofluorescence labeling of cells 
[11–13]. Nevertheless, when CdTe QDs are used to decorate living cells, their 
toxicity represents a problem. It is believed that the main cause of CdTe QDs 
cytotoxicity is the generation of reactive oxygen species (ROS) caused by the 
release of Cd2 ions, and the formation of TeO2 and CdO [11,14,15] . The addition of 
surface coatings to the QDs, such as ZnS, polyacrylate, or dihydrolipoic acid, 
reduces the QD surface oxidation and the subsequent liberation of free Cd2 
improving the biocompatibility [11,16]. Some studies have concluded that by 
conjugating CdTe QD with antioxidants toxicity can be reduced [11,15]. It has been 
reported that bovine serum albumin (BSA) could significantly decrease QD-induced 
toxicity [15]. 
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Haematococcus pluvialis (Chlorophyceae) microalgae (HPM) is a freshwater 
unicellular microalgae studied for its adaptive response under conditions of 
environmental stress such as nutrient depletion, high salinity, high light intensities, 
or the presence of ROS [17]. 
A complete understanding of how a microalgae responds to adverse environmental 
conditions such as the presence of heavy metals [7] is an open issue and in the 
case of HPM has become critical due to the increasing interest in this organism as 
a biotechnological source of the ketocarotenoid astaxanthin [17–20]. H. pluvialis 
display a green color due to the high contents of photosynthetic pigments, 
chlorophyll, and b-carotene [18]. Typical HPMs that are less than 3 weeks old 
exhibit an extracellular matrix (ECM) of variable thickness that consists mostly of 
hydroxyproline rich glycoproteins [21,22]. At this age, HPMs show little to no 
presence of the chemical non-enzymatic antioxidant astaxanthin, making them 
more susceptible to ROS [18,23,24]. 
Stressed H. pluvialis microalgae (SHPM) undergo several morphological and 
biochemical changes [17,18]. When stress conditions are present, HPM grow a 
thick outer secondary wall, exhibit a decrease in chloroplasts and protein content, 
and accumulate astaxanthin, turning into red color cyst cells that have virtually lost 
all the ECM [21,22,25]. Internalization of QDs in plant and algal cells is not 
common since QDs generally are adsorbed into the cell wall [26]. In plants, the cell 
wall pore size is in the range of 5–20 nm [27]. It has been stated that in certain 
algae species QDs can damage the wall and membrane and are known to generate 
ROS within the microalgae, thus inducing the activation of enzymatic antioxidant 
systems [23,27]. For instance, it has been reported that higher oxidative stress is 
observed when microalgae are incubated with QDs [24]. 
This oxidative stress and the interaction of HPMs and QDs may lead to cellular 
content changes in the HPM that can be studied by Raman spectroscopy [28,29]. 
The spectroscopic observation of the interaction of nanoparticles, such as QDs, 
with cells using gold nanoaggregates was proposed by Kneipp et al.[30] and is of 
particular interest for bio- accumulation studies and drug delivery. 
 
The early bioaccumulation of TGA capped CdTe QDs on living microalgae cells is 
largely unknown. With the aim of contributing on this topic we studied the early 
interaction of HPM with TGA capped CdTe QDs using surface enhanced Raman 
spectroscopy (SERS) as a tool for detecting possible molecular structural changes 
due to an interaction of the QDs with the ECM, using SHPM as control sample 
since they do not present an ECM. Surface enhanced Raman spectroscopy is 
obtained through naked anisotropic gold nanoparticles (AuNPs), which did not alter 
the previously reported characteristic Raman signal of the algae. Spectral 
differences between HPM/AuNPs and HPM-QDs/AuNPs manifest as changes in 
the intensity of characteristic shifts associated to chlorophyll and the appearance of 
a band at 940 cm-1. By confocal microscopy, it is confirmed that CdTe@TGA QDs 
are located in the ECM of HPM. Stressed H. pluvialis lack such ECM and a very 
small amount of CdTe@TGA QDs is observed on the outside of the secondary cell 
wall; given our experimental results it is proposed that  the secondary wall of 
SHPM prevents or reduces the interaction of QDs with the cells. The presence of 
Au, Cd, and Te on the surface of algae samples is confirmed by energy dispersive 
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spectroscopy (EDS). The successful detection of changes in the Raman spectra of 
unicellular algae due to an early interaction with TGA–CdTe QDs has not been 
reported before and may lead to a deeper understanding of the response 
mechanisms of plant cells in the presence of QDs. 
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2. Experimental details 
 
2.1.Materials 
All chemicals were analytical grade. Cadmium perchlorate hydrate 
(Cd(ClO4)26H2O), thioglycolic acid (TGA), gold(III) chloride hydrate (HAuCl4), and 
sodium hydroxide (NaOH) were purchased from Sigma-Aldrich. Aluminum telluride 
(Al2Te3) was acquired from Advanced Chemicals. Sulfuric acid (H2SO4) and 
acetone were purchased from Karal. Sodium borohydride (NaBH4) was purchased 
from Fluka. Deionized water was purchased from Quimicurt. Fluoro Care Anti-Fade 
Mountant was purchased from Biocare Medical. Standard Wright’s Cryptophyte 
was prepared according to established protocols. 

 
2.2.Preparation of TGA-Capped CdTe Quantum Dots 
The synthesis of TGA-capped CdTe QDs is based on the method reported by 
Gaponik et al.[31] Added to 125 mL of distilled water and stirred for 5 min was 2.35 
mmol of Cd(ClO4)26H2O and 5.7 mmol of TGA. The pH was adjusted to 11.4 by 
addition of 1 M solution of NaOH. The solution was heated to 100○C for 20 min 
under an N2 atmosphere using a condenser with recirculate water (12○C). H2Te gas 
generated by the reaction of 0.2 g (0.416 mmol) of Al2Te3 and ~20 mL of 0.5 M 
H2SO4 under N2 atmosphere,was passed through the Cd-TGA solution flask and 
stirring for 20 min, resulting in TGA-capped CdTe QDs. The reaction time for the 
growth of QDs was 4 h. 
 
2.3.Preparation of Gold Anisotropic Nanoparticles 
Preparation of AuNPs was based on the method reported by Martin et al.[32].  A 
total of 0.1 M of NaBH4 were added, under stirring, to a solution of 1 M of HAuCl4 
and 90 mL of distilled water previously cooled to 5○C. The resulting nanoparticles 
were aged at room temperature for 4 days to allow aggregation [33]. 
 
2.4. Cell culture 
Haematococcus pluvialis was obtained from the Culture Collection of Algae at the 
University of Texas at Austin (UTEX). H. pluvialis was cultured at room temperature 
in Erlenmeyer flasks and kept in orbital shakers under illumination with white 
fluorescent lights (125 µmol photons m—2 s—1) and a 12:12 light–dark photoperiod. 
The culture media consisted of standard Wright’s Cryptophyte (WC). In order to 
induce stress in the HPM, a nitrogen-limited culture was  prepared; this together 
with suitable culturing periods lead to the development of red cysts [34].The 
nitrogen limited culture had five times less nitrogen than the standard WC media. 
Algae concentrations in cell culture were 145 500  and  125 000 cells/mL for HPM 
and SHPM, respectively. 

 
2.5. Incubation of microalgae with CdTe@TGA QDs and AuNPs. 
The procedure was conducted at room temperature. The microalgae were washed 
with deionized water in order to remove traces of culture media. A volume of 200 
mL of cells suspended in WC were dispersed in 1 mL of deionized water, stirred for 
a few seconds and centrifuged at 3600 rpm for 3 min. The supernatant was 
decanted and cells were resuspended in 1 µL of deionized water. At this point the 
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sample was divided into two Eppendorff tubes, each one containing 500 µL of 
algae dispersed in deionized water; an additional 500 µL of deionized water were 
added to each tube. A sample of algae suspended in deionized water was used as 
a control sample. The cell-QDs sample was obtained by the addition of 100 µL of 
QDs to cells, followed by a   5 min incubation period; the excess of CdTe@TGA 
QDs was removed by centrifugation.  The samples were suspended in 0.5 mL of 
deionized water and 50 µL of the suspension were taken and placed on 
microscope slides for confocal microscopy. 
For Raman spectroscopy measurements, 200 µL of AuNPs were added. After an 
incubation time of 30 min the samples were centrifuged and 50 µL are taken and 
placed on a silicon wafer [35,36]. For EDS measurements, 25 µL of the algae 
suspension were placed on a silicon wafer in a preheated oven at 100○C for 3 min 
and then cooled to room temperature. H. Pluvialis cells were selected by their 
encystment stage: to obtain data for HPM only non-mobile (green vegetative cells) 
palmella stage cells are considered whereas for SHPM mature cyst cells are 
studied [37]. The results shown are the average of these measurements. 
 
2.6.Morphological and Optical Characterization 
High resolution transmission electron microscopy (HRTEM) was carried out using a 
FEI-Titan 80–300 kV microscope equipped with an ultra-stable Schottky field 
emitter gun. Field emission scanning electron microscopy (SEM) images were 
acquired with a JEOL JSM-7800F microscope; EDS analysis was performed with 
an Oxford Instruments analyzer. Microphotographs of the cells are taken at 1 kV 
while the EDS analysis was performed at 8–10 kV. Three individual cells from each 
wafer were selected randomly. For each sample, one SEM image was obtained 
and the EDS analysis was performed on six different regions of the surface. 
The ultraviolet–visible (UV-Vis) absorption spectra of colloidal AuNPs and of 
CdTe@TGA QDs were measured in transmittance using an Agilent Technologies 
Cary Series UV-Vis near-infrared (NIR) spectrophotometer (Cary 5000). 
Photoluminescence (PL) characterization of the CdTe@TGA QD, cell, and cell-QD 
was carried out using a 75 W Xe lamp. All measurements were taken under 
identical conditions. Fluorescence emission was analyzed with an Acton Research 
modular 2300 spectrofluorometer and a R955 Hamamatsu photomultiplier tube for 
visible emission under excitation of 350–500 nm. The system is PC controlled 
through the Spectra-Sense software. All measurements were performed at room 
temperature. 

 
2.7.Optical Imaging and Confocal Microscopy of Algae Samples 
Bright-field imaging was performed using an Olympus IX81 microscope controlled 
by an Olympus IX2-UCB microscope controller. A 20X objective lens was used. 
Confocal microscopy was carried out using a Zeiss LSM-710-NLO confocal 
microscope. Algae samples were excited at 405 nm and the emission was 
collected in three different spectral regions: 440–476 nm, 592–631 nm, and 670–
707 nm corresponding to carotenoid, QD and chlorophyll emission, respectively. Z-
stacks were collected for the selected algae with 20X/0.4 objective lens. 
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2.8. Raman Spectroscopy 
Three cells from each wafer were selected randomly.  About 150 Raman spectra 
were recorded in different points for each of the selected algae, and averaged to 
obtain a representative spectrum of each cell sample. The spectra were collected 
using a Renishaw Raman System (inVia Raman Microscope) with a 20X objective 
lens; the excitation laser wavelength was 785 nm with a power of approximately 5 
mW on the sample. Integration time for each Raman measurement was 1 s [38]. 
For the Raman signal detection, the laser light was directly focused onto the 
surface of the sample. Cell and cell-QDs-AuNPs samples were measured on dry 
silicon substrates prepared with the previously mentioned method; the peak 
frequencies were calibrated by means of the silicon wafer. 

 
2.9. Zeta Potential 
Zeta potential measurements of the TGA-capped CdTe QDs and AuNPs colloids 
were  carried out using a Malvern Instrument Zetasizer Nano (red laser 633 nm). 
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3.Results 
 
3.1. Optical and Morphological Characterization of AuNPs and QDs 
In order to characterize the absorption and emission properties of the CdTe@TGA 
QDs, UV-Vis absorption and PL spectra were acquired in colloid (Fig.1a).  The 
absorption peak is centered at 520 nm while the emission peak is located at 560 
nm under excitation at 400 nm. The emission spectra shows a wide band of 63 nm, 
suggesting that the sample contains a distribution of nanocrystal sizes [39]. Figure 
1b shows the UV-Vis spectrum of AuNPs dispersed in aqueous solution. The 
surface plasmon resonance (SPR) is centered at 535 nm. The wide band in the 
absorption is consistent with some agglomeration of the particles due to the lack of 
surfactant [33]. The UV-Vis spectrum of AuNPs mixed with CdTe@TGA QDs is 
also presented to show that the absorption of AuNPs remains unchanged. 
 
 

 

Figure 1. a) Emission and absorption spectra of TGA-CdTe QD. b) AuNPs absorption 
spectra. c) Photoluminescence spectra of CdTe@TGA QD in the presence of AuNPs at 
various concentrations (a)–(e): 0, 0.25, 0.5, 0.75, and 1.2x10-10mol L-1). 

 

The PL of QDs was monitored in a mixture of QDs with different concentrations of 
AuNPs and no changes on the emission wavelength of the QDs due to the 
presence of AuNPs was found (Figure 1c). The changes in emission intensity of 
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QDs in the presence of AuNPs, which SRP is close to the emission of the QD, 
have been widely reported as a consequence of energy transfer from the QD to the 
AuNP [40]. 
CdTe@TGA QDs and AuNPs morphology was studied by HRTEM and STEM, 
respectively. Figure 2a shows a HRTEM image of CdTe@TGA QDs, the measured 
average nanocrystal size is approximately 3 nm. In order to adequately 
characterize the size of the CdTe@TGA QD, the following empirical fitting function, 
deduced by Yu et al., was used [41]. 

 
D = 9.8127x10!! λ!!! − 1.7147x10!! λ! + 1.0064 λ− 194.84 

 
In Eq. 1, D (nm) is the QDs size and h (nm) is the wavelength of the first excitonic 
absorption peak of the corresponding CdTe QDs sample. According to the 
equation the size of the CdTe@TGA QD is 2.8 nm; this is consistent with the 
nanoparticle size obtained by HRTEM images. The concentration of QDs is around 
0.56 10—5mol L—1; this value is also derived from the first excitonic absorption peak 
[41]. This concentration is suitable for our purposes [42]. STEM micrographs were 
acquired for the characterization of AuNPs. A representative micrograph is shown 
in Figure 2b. This figure shows anisotropic AuNPs with an average diameter of 20 
nm and a concentration of 7.1x1010 particles/mL; these estimates were obtained 
based on previous reports [43,44]. 
 

 

 
Figure 2. a) High resolution transmission electron microscopy image of CdTe@TGA QDs 
and b) STEM image AuNPs.  
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3.2. Photoluminescence Spectra of Microalgae Samples 
Photoluminescence spectra of the algae samples were acquired to assess the 
emission wavelength of the QD after incubation with microalga. These 
measurements also helped to estimate the overlapping of the fluorescence emitted 
by the QDs and algal auto-fluorescence. The excitation wavelength in all cases 
was 400 nm. Figure 3 shows the PL spectrum of (a) HPM, (b) SHPM, and the 
normalized PL spectrum of (c) HPM-QD and (d) SHPM-QD both in the presence 
and absence of AuNPs; the emission band located at 449 nm corresponds to 
primary carotenoids and the band at 682 nm can be attributed to chlorophyll in the 
photosystem II [45]. The band related to the presence   of secondary carotenoids 
appears in the region around 470–550 nm which in this case is related to the 
presence of astaxanthin [46]. Therefore the presence of these band is more 
remarkable in Figure 3b. However, in Figure 3c and 3d, this band overlaps with 
the strong fluorescence of the QDs. On the other hand, non-stressed cells have a 
higher emission associated to chlorophyll (Figure 3a) than in the case of stressed 
cells (Figure 3b). Both samples containing QDs (Figure 3c and d) exhibit a strong 
emission at 562 nm, which is attributed to the presence of QDs, and smaller peaks 
corresponding to the photosynthetic pigments (449 and 682 nm). The presence of 
AuNPs does not alter the emission wavelength of the samples, only intensity 
changes are observed. 
 

 
Figure 3. Photoluminescence spectrum of a) HPM, b) SHPM, c) HPM-QD and HPM-
QD/AuNPs, and d) SHPM-QD and SHPM-QD/ AuNPs. Samples were exited at 400 
nm.  
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3.3. Bright Field and Scanning Electron Microscopy 
Figure 4 shows images of HPM and SHPM samples with and without QDs, 
obtained by optical microscopy and SEM. Figure 4a–d shows fresh algae in bright 
field. The presence of the ECM is clearly visible in HPM and HPM-QDs samples as 
a nearly transparent layer of variable thickness (Figure 4a and b) and HPM-QDs 
sample shows a change in color (Figure 4a and b) while as expected the ECM is 
absent in SHPM and SHPM-QDs cells (Figure 4c and d). Mature cyst SHPM show 
no significant changes when viewed in a bright field (Figure 4c and d). Scanning 
electron microscopy images of algae fixed on silicon are displayed in Figure 4e–h. 
A distinctive round shape is observed in the control cells (Figure 4e and g). The 
collapse in the structure of the algae is observed for the HPM-QDs sample (Figure 
4f), indicating damage to the cell. Stressed H. pluvialis microalgae QDs do not 
show such damage (Figure 4h), which is attributed to the existence of the 
secondary wall. 
 

 

 
Figure 4. Bright field microscopic images of fresh HPM samples.  Non- mobile “palmella” 
stage:  a) HPM, b) HPM-QD; and mature cyst:  c) SHPM, d) SHPM-QD. FSEM images of 
HPM fixed on silicon: e) HPM, f) HPM-QD, g) SHPM, h) SHPM-QD. Scale bar represents 
20 µm. 
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The presence of Cd and Te on the surface of QD-treated algae was analyzed by 
EDS element analysis; obtained EDS spectra in the range of 2–5 keV are shown in 
Figure 5. The elements found in the cell-QDs samples are as follow: cadmium (Cd), 
tellurium (Te), carbon (C), Oxygen (O), nitrogen (N), phosphorus (P), sulfur (S), 
sodium (Na), and chlorine (Cl) as obtained by EDS analysis for the different algae 
samples. For the HPM-QD samples, Cd and Te were detected, with a larger 
concentration of Cd (15.6%) than Te (3.9%) (Fig. 5a and b). In contrast, for SHPM-
QD smaller amounts of Cd (2.8%) and Te (0.4%) were observed than in the case of 
HPM-QD (Fig. 5b and d). As a control sample, EDS analysis was obtained for a 
drop of QDs; a greater presence of Cd is observed compared to that of Te and this 
has been widely reported as a result of the presence of CdS in the colloidal 
synthesis which can be given in the form of a shell around the CdTe core created 
by mercapto groups covalently attached to the surface Cd atoms [31]. 
 

 

 
Figure 5. Energy dispersive spectrum showing the composition of a) HPM, b) HPM-QD, c) 
SHPM, d) SHPM-QD, and e) HPM- QDs/AuNPs, in the range of 2–5 keV. The inset in e) 
shows the adsorbed AuNPs. 
 
Disruption of algal cells in samples incubated with QDs is observed (Fig. 4f). This 
damage to the cell structure may be a consequence of ROS and/or the occurrence 
of Cd ions. Both sources of CdTe QDs toxicity have been widely discussed and 
reported [14,15]. Also, Cd ions could have been attracted to the cell membrane, due 
to  its negative potential[47]. The cell wall of SHPM is approximately 2 mm thick 
and has low permeability, therefore making it mechanically and chemically 
resistant[21]. Consequently, during the incubation period, few QDs are capable of 
interacting with the secondary wall of SHPM. 
Figure 5e shows the EDS spectrum of HPM- QDs/AuNPs, the inset shows AuNPs 
aggregates that are found on the cell sample. These aggregates are known to 
promote SERS due to the high local optical fields in the hot spots of gold cluster 
structures. As reported, AuNP aggregates exceeding a size of 100–150 nm and 



!

!54!

consisting of a minimum of 5–10 individual nanoparticles provide at least one hot 
spot exhibiting an enhancement at a level that makes these nanostructures SERS-
active for non-resonant single-molecule Raman detection [38]. 

 
3.4.Confocal Microscopy 
The localization of the CdTe@TGA QDs in the ECM of HPM was studied by 
confocal microscopy. Emission and excitation ranges were proposed based on the 
PL spectra presented earlier (Fig. 3).  Samples were excited at 405 nm and the 
emission was collected in three specific bands: 440–476 nm, 560–631 nm, and 
670–707 nm, corresponding to the emission of primary carotenoids, QDs, and 
chlorophyll, respectively. The plane in depth at which the diameter of the algae is 
maximum is regarded as the plane of interest for the Z-scan, was based on 
previously reported criteria[48]. To delimit the ECM and the plasmalemma, the 
emission of chlorophyll (shown in red) was taken as reference since it is known that 
chlorophyll is not present in the ECM [21]. In HPM (Fig. 6a–d), a considerable 
auto-fluorescence due to chlorophyll was seen while the signal from the primary 
carotenoids is low. Haematococcus pluvialis microalgae QDs (Fig. 6e–h) show 
similar chlorophyll auto- fluorescence and the QDs appear to be localized within 
the ECM. The SHPM-QD sample shows non-specific localization of the QDs, which 
appear to be in some parts on the outside of the secondary wall  (Fig.  6m–p).  
These results are in agreement with the spectra shown in Figure 3c and d. The 
small signal observed in the band of 562–631 nm in HPM and SHPM samples (Fig. 
6d and l) corresponds to secondary carotenoids (Fig. 3a and b). 
 
After 5 min of incubation, CdTe@TGA QDs were not internalized and accumulate in 
the ECM of HPM. Confocal images for SHPM-QD show a very small amount of 
QDs on the outside of the secondary wall. The secondary wall of SHPM is thought 
to be acting as a barrier. Complete internalization was probably prevented by the 
thick cell wall of these algae. Internalization of AuNPs is also not observed/ Since 
HPM has no such secondary wall, CdTe@TGA QDs could adsorb onto the ECM. 
This is consistent with that reported by Mahan et al.[27]. Complete internalization 
was probably prevented by the thick cell wall of these algae. 
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Figure 6. Confocal microscopy images of microalgae: (a–d) HPM, (e–h) HPM-QD, (i–l) 
SHPM, and (m–p) SHPM-QD. First row corresponds to all emissions, second row shows 
the florescence of primary carotenoids, third row corresponds to chlorophyll emission, and 
fourth row corresponds toQD emission. Samples are excited at 405 nm and the emission 
is collected in three specific bands: 440–476 nm, 592–631 nm, and 670–707nm, 
corresponding to the emission of carotenoids, QDs, and chlorophyll, respectively. Scale 
bar 20mm. 
 
 
 
3.5. Raman Spectroscopy 
SERS measurements were carried out by the incubation of the algae with the 
naked AuNPs that do not present any bands in the Raman spectrum. Since the 
SRP of the AuNPs is located at 535 nm while the excitation signal used is 785 nm, 
observation of SERS enhancement is explained by the formation of aggregates 
that could resonate at wavelengths greater than its SRP [28,30,38]. 
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Figure 7. a) Raman spectra obtained from: (i) AuNPs, (ii) HPM, (iii) HPM/AuNPs, and (iv) 
HPM-QDs/AuNPs. Stars indicate the bands that increased intensity after incubation with 
CdTe@TGA QDs. b) Raman spectra obtained from: (i) AuNPs, (ii) SHPM, (iii) SHPM/ 
AuNPs, and (iv) SHPM-QDs/AuNPs. Peaks 
 
 
Figure 7 displays the SERS spectra obtained for the HPM and SHPM samples. 
The AuNPs enhanced the Raman signal by approximately five times in comparison 
to normal Raman measurements (Figure 7a and b, panels (ii) and (iii)). Figure 7a 
(iii) shows the Raman spectrum of HPM/AuNPs, characteristic peaks associated to 
chlorophyll (746, 987, 1046, 1285, 1305, 1327, 1490, 1550, and 1611 cm-1)[49–
53] and carbohydrates (1069 and 1112 cm-1)[22,50,54,55] are present. As 
reported, around 42% of HPM volume is constituted by chloroplasts [22]. The 
bands at 1157 and 1526 cm-1 are assigned to the presence of both primary and 
secondary carotenoids, being the primary carotenoids those known to be found in 
a higher concentration in the HPM (Figure 7a (iii)). In the Raman spectrum of HPM-
QDs/ AuNPs, some peaks associated with chlorophyll increased their intensity; 
these peaks are marked with stars in Figure 7a (iv), and the range between 915 
and 1004 cm-1 shows significant changes. For instance, whereas HPM/ AuNPs 
(Figure 7a (iii)) shows a band at 963 cm-1 attributed to the O–C–H bending vibration 
of carbohydrates, features at 940 cm-1 appear in HPM-QDs/AuNPs  (Figure 7a 
(iv)). 
 
Peaks associated to chlorophyll are absent or minimal in the SHPM/AuNPs (Figure 
7b (iii)) sample; however, carotenoid (964, 1006, 1157, 1193, 1275, 1445, 1521, 
and 1596 cm-1)[19,49,56–59] and lipid (876 cm-1) bands corresponding to 
astaxanthin accumulation [20,21] are present polysaccharides like algaenan and 
mannan [21] (Figure 7b (iii)). The band at 1157 cm-1 is assigned to ν2 carotenoids 
(stretching C–C) while the band at 1521–1522 cm-1 is assigned to ν1 carotenoids  
(in-phase C=C) [19,60]. Overall, no spectral changes after incubation with QDs are 
detected for SHPM-QD/AuNPs (Figure 7b (iv)). CdTe@TGA QDs were not 
internalized but adsorbed and distributed in the ECM, this meets the optimum 
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conditions for SERS enhancement that enables chemical probing of the interaction 
of QD with the ECM in the nano-environment of the AuNPs. 
 
It is not surprising that changes between HPM/AuNPs and HPM-QDs/AuNPs 
manifest in a band assigned mostly to carbohydrates since the main component of 
the ECM of HPM are glycoproteins which have a high carbohydrate content such 
that protein content constitutes in some cases only 5% of the glycoprotein weight 
[67]. In addition, the chemical composition of the ECM and the algae cell wall 
consists of cellulose, polysaccharides, and the aforementioned glycoproteins. 
Therefore it has numerous binding sites for CdTe@TGA QDs through nonspecific 
interactions (such as electrostatic, hydrophobic, and hydrogen bonding) or the 
interaction between the carboxylic groups (–COOH) of the TGA and the amine 
groups (–NH2) of the ECM and the algal cell wall [27]. Moreover the band with 
maximum at 940 cm-1 has been reported as out-of-phase C–O–C ring vibrations of 
poly- saccharides [68]. Therefore the manifestation of this band after incubation 
with CdTe@TGA QDs strongly suggests the interaction of the CdTe@TGA QDs 
with the saccharides. Sugar-modified CdTe@TGA QDs have been widely 
discussed and can be produced by simple incubation of CdTe@TGA with 
saccarides [69]. As has been reported, quantum yields are related to traps on the 
surface of CdTe QDs that mainly originate from Te atoms with dangling bonds and 
these traps could be occupied by saccharides that can adhere to the surface of the 
CdTe QDs by electrostatic forces. This occurs, for example, with D-glucose, a 
sugar present in plant cells [69]. 
 
Previous reports show that Raman modes corresponding to the crystalline core, Te 
defects of the CdTe QDs, and the interactions between the QD core and the thiol 
capping are found in the low Raman shift regime (100–310 cm-1) and vibrational 
modes of the thiol capping agents have been reported between 310 and 1750 cm-

1. Reported CdTe@TGA QDs shifts are not found in any spectra of the alga 
samples due to their weak Raman scattering in aqueous media compared to 
elastic scattering [65]. 
Several peaks of HPM-QDs/AuNps, in the region of 1100–1620 cm-1 assigned to 
chlorophyll increased their intensity (approximately three times) compared to the 
intensities of the same peaks of HPM/AuNPs and with reference to the 
characteristic peaks of carotenoid bands (1157–1526 cm-1). This increase of the 
intensity given the presence of the CdTe@TGA QDs may indicate that ROS are 
already attacking the HPM. This is consistent with previous reports indicating that 
when HPM are subjected to ROS the chloroplast is found to be the main site of 
oxidative damage [25]. Therefore the increase in intensity of chlorophyll-associated 
bands in HPM-QDs/AuNps could be a direct result of ROS interacting with the 
chloroplasts and damaging the structure, thus releasing the chlorophyll. 
Raman spectrum of SHPM exhibits no changes after incubation with QDs, 
indicating that the interaction between the CdTe@TGA QD and the secondary cell 
wall is very low. However, a small presence of TGA CdTe-QDs in SHPM-QDs 
sample is confirmed by EDS analysis, the PL spectrum, and confocal microscopy. 
A protective role of astaxanthin against QD toxicity is not confirmed due to the 
absence of internalized QDs in SHPM-QD. 
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3.6.Interaction of CdTe@TGA QDs with AuNPs 
The well-dispersed AuNPs possess a slightly negative charge ( 10 mV), probably 
due to the adsorption of ions on the surface of the AuNPs [61], and the zeta 
potential of CdTe@TGA QDs was measured to be  27.3 mV.  Due to the ionization 
of the –COOH group [62], there is no electrostatic attraction between the negatively 
charged AuNPs and QDs. Moreover, the absorption spectrum of AuNPs remained 
unchanged in the presence of CdTe@TGA QDs, therefore the observed 
fluorescence decrease of CdTe@TGA QDs in the presence of AuNPs should be 
attributed to the inner filter effect in which there is no chemical interaction between 
the two nanoparticles [63]. The chemical interactions between these nanoparticles 
after being adsorbed on the cell remains unknown. 
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4.Conclusions 
The findings in this study prove that CdTe@TGA QDs interact with the ECM of 
Haematococcus pluvialis microalgae cells after 5 min of incubation. Evidence of an 
interaction between the ECM and CdTe@TGA QDs in the Raman spectrum of a 
unicellular microalga is obtained by SERS, the Raman signal is highly increased 
when using aggregated AuNPs.  Changes between in the Raman spectrum of 
HPM/AuNPs and HPM-QDs/AuNPs are found and suggest the existence of 
interactions between the –COOH group of CdTe@TGA QDs with saccharides 
present in the ECM as well as possible damage to chloroplasts due to ROS. While 
for SHPM and SHPM-QDs no changes in the Raman spectra are detected. Future 
endeavors will focus on the detection and isolation of sugars present in the ECM to 
analyze and validate these observations and the possible formation of QDs 
conjugates. 
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Chapter 5 
 
Surface Enhanced Raman Spectroscopy Analysis of 

HeLa cells Using a Multilayer Substrate 
 
1.introduction 
Non-destructive techniques like IR and Raman spectroscopy can provide 
useful information regarding the overall biochemical composition of cells and 
tissues in their native state [1], where no extraction steps are needed, and 
sample preparation is minimal. Unlike IR spectroscopy, water has very weak 
Raman scattering and does not cause interference within the sample. 
Consequently, Raman spectroscopy is an ideal technique for the fast 
chemical analysis of biological samples.  
Some cells and tissues have been analyzed by normal Raman spectroscopy 
with adequate resolution (e.g., carotenoid [2] or heme group-containing cells 
[3] ) but for other cell types the resulting spectra can exhibit low signal-to-
noise ratio. A known limitation of normal Raman spectroscopy is the low 
sensitivity when the analytes are present at very low concentrations[4], as in 
the case of biological samples. In addition, since the analytical signal is 
proportional to the laser power, the sample can be suffer damage when 
attempting to obtain adequate spectra [5].   Surface Enhanced Raman 
Spectroscopy (SERS) is a technique that can help overcome the above 
limitations, allowing the ultrasensitive detection of molecules within cells. 
SERS is a based on the plasmonic properties of metallic nanostructures. The 
degree of signal enhancement is influenced by the material, size, degree of 
aggregation and shape of the nanostructure [6]; Nanoparticles with sharp 
corners or edges are known to generate exceptionally high SERS 
enhancements [6]–[8].  
SERS can be obtained when working with nanoparticle colloids, SERS tags 
[9], [10] or solid substrates[11], [12]. SERS substrates can be assembled by 
both top-down and bottom-up methods in a control and reproducible 
approach, and tuned for a specific excitation wavelength. A main advantage 
when analyzing cells with SERS substrates is that there is no need for 
nanoparticle internalization or incubation, and is label free [13].Substrates with 
solely nanospheres or nanocubes have been previously studied using probe 
molecules  [6], [14]–[16], though little efforts have been made in the analysis 
of samples of biological importance using this type of solid substrate and no 
previous reports have been found on the analysis of cells.   
In this work, a multilayer solid substrate was assembled via a layer-by layer 
deposition of spherical nanoparticles with a top layer of concave nanocubes. 
The HeLa cell line was used as a model biological sample.  High 
enhancement of representative bands associated to proteins, lipids and 
carbohydrates were obtained. To the best of our knowledge, this is the first 
study where the SERS spectra of HeLa cells have been obtained with such 
high resolution/signal-to-noise ratio using a solid SERS substrate [17]. The 
properties of this new substrate endow to conventional Raman with exciting 
odds to be a successful analytical tool for cell analysis. By incorporating new 
SERS substrates into the biological sample analysis, the molecular structural 
scanning and cell imaging technique can be improved. 
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2.Experimental details 
 
2.1. Reagents 
Tetrachloroauric acid (HAuCl4), trisodium citrate dihydrate, sodium 
borohydride (NaBH4), silver nitrate (AgNO3), cetyltrimethylammonium chloride 
(CTAC), ascorbic acid, hydrochloric acid, 1-3 propanedithiol and 3-
(aminopropyl)trimethoxysilane (APTMS)  were obtained from Sigma-Aldrich. 
Hydrofluoric acid 50 % was purchased from Tedia. Methanol and isopropyl 
alcohol were HPLC grade (J.T. Baker). Water used for cleaning, preparation 
of aqueous solutions and substrate fabrication was ultrapure (Resistivity> 
18.2 mΩ/cm) obtained with a Millipore MQ system.  
 
2.2. Synthesis of colloidal nanoparticles 
Spherical gold nanoparticles were prepared by a well established method of 
gold citrate reduction [18], [19] with slight modifications.  Briefly, 125 mL of 
deionized water were vigorously stirred and brought to a rolling boil. Then, 2 
mL of a HAuCl4 solution (28.9 mM) were added, immediately followed by 10 
mL of sodium citrate (17 mM). The reaction mixture was removed from heat 
and stirring continued for 15 minutes.  
Concave gold nanocubes were synthesized by a seed mediated method 
previously reported [20].  Seed solution was prepared by the consecutive 
addition of 125 µL of HAuCl4 (10mM) and 300 µL of fresh ice-cold NaBH4 
(10mM) to 5mL of CTAC (0.1M) under continuous stirring. Stirring was 
maintained for 2 minutes after the addition of NaBH4, and left undisturbed for 
2 hours.  A growth solution was prepared by adding 250 µL of HAuCl4 (10mM) 
to 4mL of CTAC (0.1mM), followed by 50 µL of ice cold AgNO3 (10mM), 100 
µL of HCl (1M) and 50 µL of ascorbic acid (0.1M). For growth initiation, 20 µL 
of a diluted seed solution (1:10) were added to the growth solution, gently 
stirred for 3 minutes and left undisturbed overnight. 
 
2.3. Assembly of multilayer nanosphere substrates (GNSS) 
Gold nanosphere substrates (GNSS) were fabricated by the self-assembly of 
metallic nanoparticles in the surface of a functionalized glass slide [18], [21].  
1 cm2 glass slides were cleaned thoroughly and rinsed with deionized water. 
Slides were treated with hydrofluoric acid (5% v/v) for 45 minutes and rinsed.  
Afterwards, slides were silanized by incubation in a methanolic solution of 
APTMS 9% (v/v). In order to assemble a monolayer of gold nanospheres, 
silanized slides were immersed in a gold nanosphere colloidal solution for 24 
hours and rinsed with ultrapure water.  
For the multilayer substrate assembly, monolayer substrates were submerged 
in an aqueous solution of 1,3-propanedithiol for 30 minutes, washed with 
methanol and immersed in a gold nanoparticle solution for 30 minutes. This 
process was repeated 3 times. 
 
2.4. Assembly of concave nanocube substrates  (GNCS) 
Multilayer nanosphere substrates (GNSS) were immersed in a fresh solution 
of 1,3-propanedithiol and allowed to react for 45 minutes. Afterwards, 
substrates were rinsed with methanol and submerged in a colloidal solution of 
gold nanocubes for 2 hours.  
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2.5. Cell culture 
 HeLa cells were cultured in DMEM media supplemented with 10% fetal 
bovine serum and 1% penicillin−streptomycin solution (100×) in a humidified 
incubator at 37 °C, 5% CO2 [43].  For harvesting, media was removed and 
cells were washed once with PBS and incubated with a trypsinization reagent 
for 5 minutes at 37oC.  Reaction was neutralized with PBS/0.5% BSA once 
cells were detached. Medium was added and cells were transferred to a 
falcon tube, centrifuged and resuspended in HEPES buffer [23].    
 
2.7. Instrumentation 
Morphological characterization of gold nanoshpheres, nanocubes and SERS 
substrates was carried out with a JEOL JSM-7800F field-emission scanning 
electron microscope.  UV-Vis absorption spectra of nanoparticles were 
recorded in the wavelength range of 400 to 800 nm with a UV-Visible 
spectrophotometer (Hach, DR 5000). Size distribution of nanoparticles was 
determined by image analysis using the public domain software ImageJ 1.48.                    
Raman and SERS spectra were acquired with an InVia Raman spectrometer 
(Renishaw). A 50X objective was used for sample focusing and signal 
collection. Raman measurements were carried out with a laser excitation of 
830nm and a 1200 lines/mm grating. Raman spectra were analyzed with 
Origin Pro 8.5.  
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3.Results 
 
3.1.Characterization of colloidal nanoparticles 
Gold nanospheres showed an average size of 19±2 nm and λmax =523 nm 
(Fig.1A).  Nanocubes (Fig. 1B), exhibit a characteristic concave shape with 
square depression in each face. Nanocubes have sharp corners and average 
edge length of 54±8 nm. λmax=644 nm.  

 
 
Figure 1. Characterization of A) colloidal gold nanospheres and B) Concave gold 
nanocubes. 
 
 
3.2.Assembly and characterization of substrates 
The layer-by-layer assembly of nanoparticles using bifunctional linkers 
provided good nanoparticle coverage on the GNSS (Fig. 2A). Most 
nanoparticles were packed close together without being completely 
aggregated.  
For the GNCS, nanocubes were immobilized over a GNSS. SEM images (Fig. 
2B) show a high coverage of both nanospheres and nanocubes. The 
arrangement of nanocubes on the substrate is mostly face-to-face and face to 
corner.   Further characterization of the optical properties of the substrates is 
still being carried out.  
 

!
!
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Figure 2. SEM micrograph of A) gold nanosphere substrate (GNSS) and B) gold 
nanocube substrate (GNCS). 
 

3.4.SERS analysis of HeLa cells 
The normal Raman spectra of cells were obtained by depositing cells on a 
glass microscope slide.  For SERS measurements, substrates were allowed 
to air dry at room temperature before adding an aliquot of HeLa cells and 
analyzed without further preparation. Spectra of HeLa cells on GNCS, GNSS 
and normal Raman is shown in figure 3A. Particularly high enhancements 
were observed with GNCS in comparison to the GNSS and normal Raman. A 
magnification of the latter spectra is shown in Fig. 3B, where it can be noted 
that bands at  ~848,1002 and 1235 cm-1 are also enhanced with the GNSS, 
with significantly lower intensities and slight shifts in position.                                                                                             
The strong signal enhancements obtained with the GNCS can be attributed to 
the particular shape of the nanocubes. It is known that nanoparticles with 
pronounced corners have strong local field enhancement in the tips and 
edges [24], [25]. In addition, particle aggregation can generate a higher 
average SERS intensities due to the presence of hot spots [26], [27] . As 
observed by electron microscopy, nanocubes were slightly clustered (Fig. 2B).                                          
 Normal Raman analysis of HeLa cells has been achieved by some research 
groups when carried out with in-house built equipment and specific conditions 
[28]–[30]. Still, it has been noted that normal and non-resonant Raman 
scattering from the analytes present in tissues and cells tend to be very weak 
and unreliable and might not be strong enough to discriminate biological 
molecules that share the same building blocks [31].  
 
 

A B 
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Figure 3. A) Comparison between SERS enhancement of HeLa cells obtained with 
GNCS, GNSS and Normal Raman. B) Magnification of the spectra enhanced by 
GNSS and normal Raman.  
 
 
Tentative assignments are presented in table 1. Most of the bands are 
associated to proteins, amino acids residues and lipids. The SERS spectra of 
HeLa cells obtained with the GNCS provided rich information about the cell 
composition, by enhancing multiple bands in in the fingerprinting region of 
cells. The presence of an amide III band indicates the occurrence of a β-sheet 
or α-helix protein structure. Furthermore, the occurrence of strong amide 
functional groups suggests there is no protein denaturation. Signals 
corresponding to the amide III bands have helped differentiate between 
different cancer cell lines [12]. Moreover, the region from 1431cm-1 to 1481 
cm-1 has been acknowledged as a marker band that represent the integral 
protein distribution in the cell [29]. The strongest band in the spectra was at 
1389 cm-1 and can be assigned to the stretch of a carboxylate group in 
proteins and lipids [32]. 
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Table 1. Tentative assignment of representative SERS bands of HeLa cells obtained 
with GNCS and GNSS. 

SERS(cm-1) Assignment Biological molecules 
GNCS GNSS   
399 424 In-plane bending of aromatic C-

OH bond   
Aromatic aminoacids 

709  C-N stretching, C-H twist+ring 
twist  

Nucleic acids, lipids 

849 840 Ring breathing,C-C stretch  Nucleic acids, lipids 
1002 997 C-H in-plane deformation, ring 

breathing  
Phenylalanine 

1127 1121 C-N stretch,C-H bend ,C-C 
stretch 

Proteins 

1235 1233 Asymmetric stretching of P=O,C-
H bend  
C-C stretch, amide III band  

Nucleic acids, lipids, 
proteins 

1273 1271 Amide III band Proteins (α-helix 
structure) 

1389 1399 CH3, C-H stretch,COO- 
symmetric stretch  

Lipids, proteins 
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4.Conclusions 
A solid SERS active substrate formed by 3 layers of gold nanospheres and a 
final layer of gold nanocubes (GNCS) was studied for the label-free SERS 
analysis of a biological matrix (HeLa Cells). Significant enhancements in the 
SERS spectra were observed, and bands with very high resolution obtained, 
similar to those reported using substrates fabricated with more complex 
methods. The GNCS is non-specific, sample preparation time is minimal and 
fabrication by a solution based self assembly is relatively inexpensive.  
It was demonstrated that a substrate fabricated by a self-assembly method 
generates high enhancement of bands associated protein primary and 
secondary structure, as well as other important marker bands and could help 
the qualitative analysis of important biological tissues. Since the substrates 
are glass based, biological samples can be immobilized, smeared or 
anchored if necessary. This substrate is promising for single cell analysis due 
to the amount of Raman bands enhanced, allowing biomolecule identification.  
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Chapter 6 
 
Spectroscopic Characterization of Radiosensitive (LY-
S) and Radioresistant (LY-R) Murine Leukemia 
Sublines by Raman and Surface Enhanced Raman 
Spectroscopy (SERS) 
 
1.Introduction 
Around 40-50% of diagnosed cancer patients are treated with radiation 
therapy [1]. Radiation response varies widely amongst individual cases, and 
the course of action is usually determined based on the histopathological and 
anatomical characteristics of the tumor. Nonetheless, several biological 
mechanisms like repopulation capacity, tumor microenvironment [2]  and 
intrinsic radiation sensitivity [3] have been shown to affect the therapeutic 
response of a tumor [4]. According to Begg et al.[3], studying the differences 
between normal and malignant tissues amongst individual patients is key to 
improve radiotherapy outcomes.  
Predictive assays could potentially be used for the rapid evaluation of intrinsic 
radiosensitivity of some tumors [5], [6]. Intrinsic radiosensitivity can be 
hereditary, and depend on the tissue origin and acquired mutations [7]. 
Intrinsic radiation sensitivity has been predominantly determined by a 
clonogenic survival assay (SF2) [4], [8].  One of the main drawbacks of this 
technique is time consuming and difficult nature of the method [9]. Some 
efforts have focused on genetic and molecular biology techniques to detect 
differences in gene expression [7] but are still underway. It has been noted 
that the failure to predict radiation outcomes can be related to the minimal 
manifestation of quantitative differences between tumors and normal tissue, 
and wide tissue heterogeneity [5].  
 
Raman spectroscopy is a promising tool for the fast analysis and classification 
of tissues.  A high-throughput and label-free vibrational spectroscopy 
technique like Raman spectroscopy provides information about the chemical 
composition of cells, tissues and fluids that result in a specific “fingerprint” 
constituted by the spectra of different molecular components [10] (e.g., 
proteins, lipids and nucleic acids). Biochemical changes caused by a disease 
can translate to changes in the Raman spectra [11]. Spontaneous or normal 
Raman scattering can be limited by low analyte concentration and 
instrumental parameters. Surface Enhanced Raman Spectroscopy (SERS) is 
a technique that allows the amplification of the Raman signal by means of 
metallic nanomaterials [12].  
Raman spectroscopy and SERS are routinely combined with multivariate 
analysis algorithms like PCA, LDA, SVM and random forest [10], [13]–[16], 
where the ability to differentiate between cell samples based on small 
changes has been demonstrated. Special interest has been made in the 
analysis of cancerous cells, cell lines and tumors [17]–[20].  Analysis of 
chemoresistant cells [21], discrimination between lymphoma samples  [22], 
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and changes caused by doses of ionizing radiation have been studied  [23]–
[25]. In one of the few studies analyzing radiosensitivity by Raman 
spectroscopy, Yasser et al., [26] studied the acquired radioresistance of oral 
cancer sublines and observed changes in the bands associated to DNA and 
proteins. 
 
In this work, cells from two established lymphoma sublines known for their 
intrinsic radioresistance (LY-R) and radiosensitivity (LY-S) were analyzed by 
Raman spectroscopy. The L5178Y  (LY) Murine lymphoma cell line was 
derived from an induced thymic tumor. The parent line (LY-R) is resistant to 
ionizing radiation, and highly tumorigenic in DBA/2 mice [27], [28]. The LY-S 
subline is sensitive to ionizing radiation. In addition to their different radiation 
sensitivity, the LY-S and LY-R cells present different responses to external 
physicochemical agents [27]; the LY-R subline is radiation resistant but more 
sensitive to UV-C radiation and hydrogen peroxide [28]. To the best of our 
knowledge, no previous study has addressed the characterization of the LY-S 
and LY-R sublines by vibration spectroscopy techniques. Therefore, a 
complete normal Raman characterization of both sublines was carried out 
using different excitation wavelengths. In addition, Surface Enhanced Raman 
Spectroscopy (SERS) using gold nanoparticles (AuNPs) and silver 
nanoparticles (AgNPs) was carried out. Principal component analysis (PCA) 
was used to discriminate the spectral signatures of both sublines. In line with 
other recent work, this study represents an initial approach to help understand 
the intrinsic spectroscopic characteristics of radiosensitive and radioresistant 
cells, in order to contribute to the development of radiosensitivity predictive 
assays. 
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2.Experimental details 
 
2.1. Reagents  
Silver nitrate (AgNO3, 99%), sodium borohydride (NaBH4, 99%), Gold (III) 
chloride solution (HAuCl4, 99%, 30 wt. % in dilute HCl), trisodium citrate 
dihydrate (99%), and formaldehyde 37 wt. % were acquired from Sigma–
Aldrich (Sigma-Aldrich, USA). Glutaraldehyde 25 wt. % was purchased from 
Merck (Merck, Germany). Reagents were used without further purification.  
Water used for washing material and preparation of aqueous solutions was 
ultrapure (Resistivity> 18.2MΩ cm), purified with a MQ system (Millipore 
Corp., USA). 
 
2.2. Cell culture 
L5178Y-R (ATCC® CRL-1722TM) and L5178Y-S (ATCC®CRL-1723TM) cell 
lines were cultured in RPMI 1640 medium containing L-Glutamine (Sigma-
Aldrich, Missouri, USA) supplemented with 10% Fetal Bovine Serum heat-
inactivated (Gibco, Massachusetts, USA), 10 units/ml penicillin and 100 mg/ml 
streptomycin (Sigma-Aldrich, Missouri, USA). Cells were incubated at 37°C in 
5% CO2 until a density about 1 x 106 cells/ml was achieved. Cells were then 
collected from the flasks, centrifuged at 1,000 rpm for 5 minutes and 
resuspended to the original volume in 1X PBS. A 10-ml sample of cell 
suspension was employed for the characterization by Raman spectroscopy. 
 
 
2.3.Nanoparticle synthesis and characterization 
Silver nanoparticle (AgNPs) were synthesized by a modified Creighton 
method [29] . 10 mL of NaNO3 (3.5mM) were added dropwise to 30 mL of a 
freshly prepared NaBH4 solution (7mM), under continuous stirring and placed 
in an ice bath. After 3 minutes, stirring was stopped and the solution was left 
undisturbed for 45 minutes. Subsequently, the solution was diluted in a 1:1 
ratio with deionized water. The colloidal solution was stored in darkness until 
further use.  
Gold nanoparticles were synthesized by the Frens method [30] of gold citrate 
reduction with slight modifications. 2 mL of HAuCl4  (28.9 mM) were added to 
125 mL of deionized water, vigorously stirred and brought to a rolling boil, 
followed by 10 mL of a 6 mM sodium citrate solution. The solution was 
removed from heat, and stirring continued for 15 minutes. The colloidal 
solution was left to stabilize for 3 days and kept in darkness.  
UV-Vis absorption spectra of AgNPs and AuNPs were acquired with a Hach  
DR 5000 UV-Vis spectrophotometer (Hach, USA) in the range of 300 to 700 
nm. 
 
2.4. Normal Raman measurements 
2 mL of either LY-R or LY-S cell suspension were centrifuged at 1000 rpm for 
3 minutes.  The supernatant was removed, and 2mL of fresh PBS buffer were 
added. 10 µL of cell suspension in PBS buffer were deposited on a clean 
quartz substrate (Ted Pella, USA). Raman spectra were acquired with an 
InVia Raman microscope  (Renishaw, UK). A 50x lens was used to focus onto 
the sample.  Measurements were centered at 1500 cm-1, with 1 s exposure 
and 3 acquisitions, in order to avoid cell damage. Cells were characterized 
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using four different excitation wavelengths (457, 514, 633 and 830 nm). 
Grating was 1200 l/mm for the 633nm and 830 nm lasers, and 2400 l/mm for 
the 457 and 514 nm lasers. Laser excitation was ~9mW for 457 nm, ~17 mW 
for 514nm,  ~17mW for 633nm and ~10mW for 830 nm. 30 cells were probed 
for each subline and excitation wavelength.  
 
2.5. SERS measurements  
100 microliters of either AgNPs or AuNPs colloid were added to 370 µL of cell 
suspension in PBS (See section 2.4), and 130 µL of PBS buffer. The mixture 
was gently mixed and incubated for 1 hour. After incubation, cells were 
washed by centrifugation for 3 min at 1000 rpm. The supernatant was 
carefully removed, leaving a concentrated cell pellet. 10 µL of cell pellet were 
placed on a quartz substrate.  
SERS enhancement can be highly variable due to the presence of hotspots, 
and the random distribution of nanoparticles in the cell [31], therefore, Raman 
spectra were acquired in a mapping mode, where at least 30 points were 
measured, to obtain more homogeneous, representative spectra.  
SERS spectra with AgNPs were obtained with a 633 nm excitation 
wavelength, centered at 1500 cm-1 with  ~1mW power. For AuNPs, 830 nm 
excitation was used, and measurement was centered at 1250cm-1, ~1mW 
laser power. 10 different pellets for each subline, and nanoparticle type were 
analyzed. Control spectra consisting of the normal Raman spectra of cells 
(without nanoparticles) measured under the same instrumental conditions 
used for SERS were also acquired.  
 
2.6. Electron microscopy   
Cells incubated with nanoparticles were centrifuged (1000 rpm, 3 min) and the 
supernatant was removed. Cells were fixed with a 3% glutaraldehyde 3 % 
formaldehyde solution for 2 h at room temperature [32]. Afterward, the 
solution was carefully removed to avoid resuspending the cell pellet. Cells 
were dehydrated following a graded series of ethanol solutions in deionized 
water, with 10 min incubation for each step. Finally, cells on 100% ethanol 
were stored at 4oC.  
Cell morphology and the presence of nanoparticles in the cell surface were 
studied by High resolution Scanning Electronic Microscopy using a field-
emission gun Hitachi S-5500 microscope (Hitachi, Japan) equipped with a 
BF/ADF detector.  
 
2.7. Principal Component Analysis   
Raman spectra were baseline corrected by a 5th order polynomial fitting using 
WiRE 4 software (Reinishaw, UK), and averaged with OriginPro 8.5 
(OriginLab, USA). Principal component analysis was carried out with the 
Unscrambler X version 10.1 (CAMO Software A.S., Norway). For normal 
Raman, 30 measurements for each subline (LY-R and LY-S) measured with 
the excitation wavelengths that rendered the highest amount of Raman bands 
and better signal-to-noise ratio (514nm and 633nm) were input into the 
software. In the case of SERS measurements, the average spectra of 10 cell 
pellets for each subline (LY-R and LY-S), and nanoparticle type (AgNPs and 
AuNPs) were analyzed.  
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3. Results and discussions 
 
3.1. Normal Raman measurements 
No prior characterization of the LY-R or LY-S sublines has been reported. 
Thus, a range of excitation wavelengths were explored to find the 
experimental conditions that render the most information-rich spectra [33].  
The mean spectra (30 measurements) of the radioresistant (LY-R) and 
radiosensitive (LY-S) sublines obtained with 457, 514, 633 and 830 nm 
wavelengths are presented in Fig. 1.  
 

!
Figure 1. Normal Raman spectra of LYR and LYS cells obtained with different 
excitation wavelengths (average of 30 measurements). Cyt c: cytochrome c,  Phe: 
phenylalanine , Trp: tryptophan, NA: nucleic acids. 

 
An 830 nm excitation wavelength is generally recommended for biological 
samples since it can be less damaging to tissues [57] and help reduce cell 
autofluorescence [58]. Nevertheless, as observed in Fig. 1, the lowest signals 
were observed with 830 nm. Raman scattering efficiency is proportional to λ4, 
where λ is the wavelength, assuming non-resonant excitation[53]. Therefore, 
shorter wavelengths (e.g. 457 nm, 514 nm) generate better scattering 
efficiencies than wavelengths approaching the infrared region (e.g., 785, 830 
nm).  In addition, the higher laser power needed to compensate for the low 
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scattering efficiency can damage the cell, and although cell autofluorescence 
can be reduced with longer wavelengths, fluorescence from the substrate and 
the objective can cause interference [59]. In contrast, a 457 nm wavelength is 
expected to exhibit better scattering efficiencies, but shorter wavelengths can 
cause photochemical damage to biological tissues and DNA [60,61]. High 
scattering efficiencies induce sample autofluorescence but also resonance of 
some molecules, which can be advantageous; heme moieties and 
cytochrome c can be excited with 488, 514 and 568 wavelengths [62]. The 
spectra acquired with 514nm (Fig. 1) presented the bands with the highest 
intensity. These bands are not as defined with 633nm, probably due to the 
lack of a resonance effect for certain molecules with aromatic rings in their 
structure.  
The balance between high excitation efficiencies and low sample damage has 
been demonstrated to lie between 532 and 758 nm [63]. With good scattering 
efficiency, and despite cell autofluorescence, 514 and 633nm present a good 
choice for the analysis of LY-R and LY-S cells.   
 
The most prominent feature observed with all excitation wavelengths emerges 
from the  phenylalanine symmetric ring breathing  at ~1002 cm-1 (Fig.1). 
Notably, this band is consistently more intense for LY-S cells with all 
excitation lasers. Another phenylalanine band is observed at ~1030 cm-1 and 
is assigned to C-H stretching vibrations. The band  ~1097 cm-1 corresponds 
symmetric stretching of the phosphate DNA backbone [64]. Other bands that 
exhibited different intensities in LY-R and LY-S cells are those assigned to 
cytochrome c (~1127 cm-1), nucleic acids (~1150 and 1360 cm-1, and amide 
III (~ 1312 cm-1). Tentative assignment of main Raman bands is presented in 
table 1.Bands at 751, 1131 and 1312 cm-1, assigned to different vibrational 
modes of cytochrome c have been observed when excited with a 532 nm 
laser [61],[65],[66], thus under resonance scattering conditions. This is in 
agreement with our observations for LY-R and LY-S cells, since the band at ~ 
751 cm-1 only arises with 455 and 514 nm excitation. Porphyrins and 
pyrimidine rings can also exhibit resonance at 514 nm.  
 
Hamada et al.[65] analyzed HeLa cells with 488, 514, 532 and 633 nm 
excitation, and found that a 633 nm laser provided a much lower scattering 
signal, and the bands at 1451 and 1660 cm-1 were the most prominent.  
These prominent and broad band, that correspond to CH2CH3 deformations 
and the amide I band, respectively, have been also reported for lymphocytes 
by Bankapur et al.[67]. In this work the CH2CH3 deformation band was 
observed between 1441 and 1448 cm-1.  The band arising at 1448 is also 
known as protein marker band, and is representative of the protein 
concentration in the cell [68], and has a slight higher intensity in the LY-S 
subline.  The amide III bands have also been associated to changes in the 
overall protein content [69], and this band  (~1312 cm-1) is also more intense 
in LY-S cells. The band at 1543 cm-1 is attributed to amide II vibrations (60% 
NH bending, 40% CN str.). The amide I band is assigned to a combination of 
C=O stretching and N-H in plane bending [70]. 
 
Information concerning the spectral signature of lymphoblasts is scarce. The 
normal Raman spectra of LY-R and LY-S cells is dominated by bands 
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corresponding to proteins   (Amide I, II, III) and nucleic acids (Table 1). This is 
expected since LY cells have a lymphoblast morphology, characterized for a 
high nuclear/cytoplasmic ratio [55] similar to lymphocytes, where the nucleus 
can constitute up to 80% of the total cell volume [22]. In addition, these cells 
are able to express multiple surface proteins [27], [56], [57]. 
 
Table 1.  Raman band assignment for the average spectra of LY-R and LY-S cells with 457, 
514, 633 and 830 nm excitation.  

Raman shift (cm-1) Assignment 
 457nm 514 nm 633 nm 830 nm 

LY-R LY-S LY-R LY-S LY-R LY-S LY-R LY-S 
640 638   643 642   Tyr C-C twist [25], [44].[54], [55]  
673 675       G, C-C str.  
  723 725 725 725   A [25]  
748 746 750 748     T, U [47],  

cyt c ring breathing mode [44]  
778 784 781 781 785 781 805 805 U, T, C [25], 

O-P-O str. (DNA backbone) [47] 
825 821  822     Tyr, O-P-O [25] 
850 850 852 850 850 852   Tyr [54], out of plane ring breathing [44]  
 970   957 956   C-C str. [25] 
1002 1002 1002 1002 1001 1001 1002 1002 Phe sym. ring breathing, C-C str.[47],[48], 

[47], [56] 
1031 1031 1031 1030 1031 1029   Phe C-H str. [25], [44][54], [55], [57] 
      1056 1077 C-N, C-C str. [25] 
1091 1091 1091 1090 1090 1090   O-P-O str. [22], 

PO2
-
,DNA phosphate backbone [40],[50]  

1128 1129 1127 1127 1126 1125 1121 1125 C-N str. [22], [51] in proteins, 
 cyt c [41],[52][58], [59] 

1155 1155 1155 1155 1155 1155   Nucleic acids, C-O str., 
C-N str, C-C str [43],[47] [56], [60], [61] 

  1170 1170 1176 1173   Tyr, Phe, C-H bend [22], 
C, G [51] 

       1203 Phe, Tyr, Trp 
  1229 1233     Amide III (C-N str and N-H bending) 

[25],[51] 
1246 1248   1252 1252 1241 1242 Amide III [25] 
    1295 1294   CH2 twist  
1309 1306 1312 1312 1314 1314   Amide III [47], C-H deformation [22], 

CH3, CH2 twisting [51] 
Cyt c [41] 

1337 1338 1326 1335 1335 1338 1335 1338 Nucleic acid mode indicating the nucleic 
acid content in tissues [51], 
CH3, CH2 torsion [47] 

1355 1352 1360 1360     Nucleic acids [53],  
Trp [51]. 

1448 1448 1447 1447 1446 1441 1446 1441 CH2CH3 deformation [40] 
CH2 scissoring and bending [51] 

  1486 1483     Nucleic acids and DNA backbone[43], 
deoxyribose [43] 

1543 1538    1544   Trp [54] 
  1573 1578 1577 1573   Pyrimidin ring from nucleic acids and heme 

proteins [51] 
Nucleic acids (G,A) ring breathing [40], [47], 
Cyt c [41],[52] [58], [59] 

    1615 1616   Tyr, Trp [25] 
1662 1662 1658 1658 1656 1657   Amide I [40], [52],  

C=C str. of lipids [51] 
Cyt c: cytochrome c, Phe: Phenylalanine, Tyr: Tyrosine, Trp: Tryptophan, A: Adenine, C: cytosine, G: guanine, U: uracil, T: thymine.  
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Visual inspection of Raman spectra is not sufficient to determine variations 
between sublines, as Raman spectra of biological matrixes are constituted by 
the signals arising from the different molecules present in the sample [54]. 
Principal component analysis was carried out for further exploration of the 
data. PCA score plots of the spectra obtained with the 633 and 514 nm lasers 
are shown in Fig. 2A and B, respectively. Spectra obtained 633 and 514 nm 
were selected since these spectra presented a higher quantity of prominent 
bands with high intensity, as seen in Fig. 1.   
 

 
Figure 2. PCA score plots of A) cells measured using a 633 nm excitation laser, and 
B) cells measured with a 514 nm laser.  
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Data treatment by principal component analysis indicates that discrimination 
of LY-R and LY-S samples, based on the complete range of their Raman 
spectra, was not attained with this preliminary approach. In order to find a 
better resolution between sublines, future work will be focused on the 
exhaustive analysis of truncated sections of the spectra, for example the 
range between 1000 and 1150 cm-1, that showed minor differences upon 
visual inspection of the mean normal Raman spectra.   
 
3.2. Nanoparticle synthesis and characterization 
 
Fig. 3 shows the absorption spectra of AuNPs and AgNPs. The λmax of 
AuNPs was 533 nm (Fig. 3A). According to data from literature, said 
absorption maxima corresponds to AuNPs of 54-59 nm diameter [30], [58], 
[59]. It has been reported that nanoparticles of sizes ~60 nm are known to 
generate higher enhancement than smaller diameters [31], [60]. Size 
distribution histograms will be calculated once TEM microscopy is carried out. 
The λmax of AgNPs was located at 394 nm (Fig. 3B), corresponding to a to 
diameters ~19 nm particle size. The modified Creighton method used herein 
is based on a comprehensive study carried out by our research group, where 
different parameters were explored in order to establish the synthesis 
conditions that generate the highest SERS enhancements. It was found that 
larger nanoparticles (~19 nm) with a slight degree of aggregation were the 
most suitable for SERS analysis [61].   
 

!
Figure 3. UV-Vis absorption spectra of A) AuNPs and B) AgNPs.  

 
AuNPs synthesized by the Frens [30] method do not require additional 
stabilizer besides citrate ions. As well, in the case of AgNPs, excess NaBH4 
ions function as stabilizing agents. Synthesis methods requiring additional 
stabilizing agents like CTAB were avoided as interfering SERS signal from the 
stabilizer can arise. Most stabilizers can be easily removed once 
nanoparticles are immobilized in a substrate; however, nanoparticles were 

A B 
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required to be in colloidal solution to be used for cell incubation. Removal of 
stabilizer by centrifugation [31], [62] can cause loss of stability and 
aggregation. 
 
3.3. SERS measurements  
 
3.3.1. SERS analysis using AgNPs  
SERS spectra of LY-R and LY-S cells incubated with AgNPs are presented in 
Fig. 4A. SERS spectra show small differences from the normal Raman 
spectra and between sublines. The spectral region between 600-800 cm-1 
varies amongst LY-R and LY-S cells, with slightly higher signal intensities 
observed for LY-S cells. This region comprises the vibrational signature of 
nucleic acids and aromatic aminoacids (Table 1), suggesting that AgNPs can 
be in proximity to both proteins and nucleic acids. The amide I band is also 
higher in LY-S cells.  LY-S are known to exhibit higher resistance to oxidant 
agents [28], and toxicity of AgNPs in cells is associated to the generation of 
reactive oxygen species (ROS)[63], [64]. Therefore, a higher enhancement 
with AgNPs could be related to the higher tolerance of LY-S to oxidative 
stress.  
Preliminary data treatment by PCA (Fig. 4B) shows an overlap of confidence 
ellipses, and therefore a lack of discrimination between the sublines. 
Nonetheless, most of the data from LY-R cells is concentrated in the PC1 (-
1500 to 0) quadrant, and further chemometric analysis using an algorithm like 
support vector machine (SVM) could feasibly achieve improved discrimination 
between sublines. 
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Figure 4. A) SERS spectra of cells incubated with AgNPs; 10 cell pellets were 
measured for the LY-S and LY-R subline. B) PCA score plots of cell of cells 
incubated with AgNPs (confidence interval of 95%).  
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3.3.2 SERS analysis using AuNPs  
Fig. 5A shows the average spectra per cell pellet obtained using AuNPs, 
along with normal Raman spectra of each subline acquired with the same 
sampling conditions used for SERS. Under the same instrumental conditions, 
normal Raman spectra do not generate sufficient information when compared 
to the SERS spectra. Spectra obtained with AuNPs showed a notable 
difference between the LY-R and LY-S sublines, as can be evidently noticed 
by visual inspection of the spectral morphology. This was confirmed by PCA 
analysis; Fig. 5B shows a clear separation of the data corresponding to each 
subline. Along with higher SERS enhancements for LY-R cells, high spectral 
variability is observed, which translates into more disperse data in the PCA 
score plot. Given the known variability of SERS enhancements, pellets 
consisting of cell aggregates were analyzed in order to obtain more robust 
measurements. Cell concentration of the samples was 1 x 106 cells/ml, and 
10 µL of cell pellet were deposited for each measurements, so  ~6 000 cells 
are present in each pellet.  
 
SERS enhancement can be affected by the presence of hotspots and 
aggregates, as well as the distribution of nanoparticles in the cell [12], [31], 
[65]. Even tough AgNPs tend generate higher enhancements than AuNPs, 
AuNPs have better biocompatibility [66]. Moreover, AuNPs clusters have been 
proven to exhibit similar enhancements than AgNPs when working with near 
infrared excitation [67], as was used in this work (830nm). Nonetheless, 
SERS allowed for a clear separation of both subline, especially when working 
with AuNPs.  
 
Most bands enhanced in LY-R cells incubated with AuNPs are observed in 
the region between 1000 and 1500 cm-1, arising mainly from proteins and 
nucleic acid (see table 1). SERS is a proximity effect, and the enhanced 
bands usually correspond to the molecules located in the vicinity of the 
metallic nanoparticles [67], so this could indicate an interaction of AuNPs with 
surface proteins, and also a degree of nanoparticle internalization. The band 
mostly enhanced in LY-S cells was the amide I band, possibly related to an 
interaction of AuNPs with surface proteins. 
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Figure 5. A) SERS spectra of cells incubated with AuNPs. B) PCA score plots of 
cells incubated with AuNPs. (confidence interval of 95%).  
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3.2.3. Cell interaction with metallic nanoparticles  
Cells were incubated with colloidal nanoparticles in PBS buffer at 
physiological pH of 7.4. Surface charge (z-potential) of different cells like 
HeLa, MCF-7 and erythrocytes has been reported to be negative under 
physiological conditions (PBS buffer, pH 7.4)[68]. Both AgNPs and AuNPs are 
stabilized by negative ions, and tend to have a net negative charge at neutral 
pH[63], which can be modified to a net positive charge by lowering the pH of 
the solution.   Future studies regarding z-potential are needed to elucidate the 
interaction between LY sublines and colloidal nanoparticles at neutral pH 
levels, since preliminary SERS observations show a possible selective 
interaction between metallic nanoparticles and LY-R and LY-S cells.  
Differences in the electrophoretic pattern of LY-R and LY-S plasma 
membranes have been reported in initial studies of the sublines, and cells 
from the LY-S subline tend to form aggregates and exhibit higher osmotic 
fragility [27]. According to Szumiel [69], LY-R and LY-S present different ion 
transport, and nuclear matrix proteins. 
 
3.4. Electron microscopy   
Fig. 6 shows SEM micrographs of LY-R and LY-S cells incubated with AgNPs. 
For both sublines, nanoparticles were localized in the cell surface even after 
cell fixation steps. It is known that proteins with cysteine residues can 
potentially bind to metallic nanoparticles [63], and lymphoblast can present a 
variety of membrane proteins [70], [71].  
 

 
Figure 6. Scanning electron microscopy of A) LY-R and B) LY-S cells incubated with 
AgNPs.  

AgNPs&

AgNPs&

AgNPs&

A!

AgNPs&

B!



!

!92!

 
Initial experiments showed that AgNPs rendered high SERS enhancements, 
so electron microscopy micrographs were obtained samples incubated solely 
with AgNPs.  In an effort to expand the dataset, subsequent SERS 
measurements with AgNPs were carried out, and the initial high SERS 
enhancements were not attained. In an effort to obtain better SERS spectra, 
incubation with AuNPs was also tested. Since electron microscopy equipment 
is not widely available, SEM micrographs of cells incubated with AuNPs have 
not been acquired, but will be carried out in future work.   
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4. Conclusions 
 
To the best of our knowledge, this is the first work exploring the vibrational 
spectroscopy characterization of the radioresistant (LY-R) and radiosensitive 
(LY-S) murine lymphoma sublines. Normal Raman analysis provided 
important information about chemical the constituents of both sublines, 
despite the lack of separation observed by preliminary principal component 
analysis (PCA). SERS was successfully used to enhance Raman spectra, and 
preliminary data treatment with PCA showed a clear separation between 
sublines incubated with AuNPs. Therefore, small biochemical differences can 
be identified based on changes in the spectral fingerprint. The development of 
predictive radiosensitivity assays based on tumor biochemistry and molecular 
biomarkers is still underway, but the biological parameters underlying the 
response to radiation can potentially be used in conjunction with established 
techniques to aid the selection of an adequate therapeutic treatment of cancer 
patients. 
 
Future work will focus on the analysis of truncated spectral regions, as well the 
application of different chemometric techniques for the differentiation of both 
sublines.  In addition, further studies are needed to evaluate possible 
differences in nanoparticle-cell interaction presented by the LY-R and LY-S 
sublines. 
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7. Conclusion  
 
7.1. Contributions 

Detection of molecules of interest 
• A comprehensive and systematic evaluations of different synthesis 

parameters of silver nanoparticles was carried out, which helped select 
the adequate synthesis conditions that ensure the highest 
enhancement capability. PCA analysis was employed to cluster silver 
colloids prepared using different synthesis parameters, and SERS 
enhancement of colloids was studied with a test molecule (glycine). 
The selected colloidal solution was used for detection of phenolic 
antioxidant at low concentrations (2.5x10-9M).  For p-coumaric acid and 
caffeic acid, these low detections were reached for the first time. In 
previous reports limits of detection are within the range of 10–3 to 10–4 
M. In addition, SERS analysis of SA using silver colloids was carried 
out for the first time.  

 
• A novel SERS-active substrate was obtained by using carbon 

nanofibers (CNFs). Chemical modification of CNFs allowed the 
immobilization of AUNPs providing good nanoparticle coverage, 
including non-superficial layers. SERS enhancement was tested with 
Rh110, reaching a 1×10–6 M detection limit, which was high but help 
set the basis for further modification of the substrate.  

 
          Analysis of cellular systems 

• Biochemical changes caused by the interaction of CdTe quantum dots 
with the freshwater microalgae H. pluvialis in stressed and non-
stressed stage were detected via SERS.  It was determined that 
CdTe@TGA QDs interact with H. pluvialis after 5 minutes of exposure. 
H. pluvialis in non-stressed stage was more vulnerable to CdTe@TGA 
QDs. SERS enhancements were obtained using AuNPs, and SERS 
spectra showed changes in non-stressed H. pluvialis cells, specially in 
bands associated to chlorophyll. No changes were detected in stressed 
cells after incubation with QDs. The effect of the interaction of QDs with 
H. pluvialis was reported for the first time.  
 

 
• SERS analysis of HeLa cells was achieved using a multilayer solid 

substrate formed by 3 layers of gold nanospheres and a final layer of 
gold nanocubes (GNCS). Significant enhancements in the SERS 
spectra were observed, and bands with very high resolution were 
obtained, similar to those reported using substrates fabricated with 
more complex methods. 
The substrates fabricated by a self-assembly method generated high 
enhancement of important marker bands and could help the qualitative 
analysis of biological tissues. Since the substrates are glass based, 
biological samples can be immobilized, smeared or anchored if 
necessary. Few works have addressed the use of this kind of substrate 
for cell analysis.  
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The comprehensive Raman and SERS characterization of a radioresistant 
(LY-R) and radiosensitive (LY-S) murine lymphoma cell line was carried out. 
This is the first work exploring the vibrational spectroscopy characterization of 
the radioresistant (LY-R) and radiosensitive (LY-S) murine lymphoma 
sublines. Normal Raman analysis provided important information about 
chemical the constituents of both sublines, despite the lack of separation 
observed by preliminary principal component analysis (PCA). 
So far, SERS was successfully used to enhance Raman spectra, and 
promising preliminary results obtained with PCA showed a clear separation 
between sublines incubated with AuNPs.  
Despite overlapping of confidence ellipses for SERS spectra obtained with 
AgNPs, other chemometric methods might be able to discriminate between 
sublines.  Future work will focus on the analysis of specific truncated spectral 
regions, improvement of spectral acquisition, and the application of different 
chemometric techniques for the differentiation of both sublines.  Also, further 
studies will be carried out to evaluate possible differences in nanoparticle-cell 
interaction presented by the LY-R and LY-S sublines. 
!
 
 
7. 2. General conclusions 
Nanostructured substrates fabricated by wet-chemical synthesis methods 
were SERS active and allowed the label-free detection of single molecules of 
interest, as well as complex biological samples (microalgae and mammalian 
cell lines). The developed SERS substrates are viable for biochemical and 
chemical sensing applications.  
 
 
 
 


